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ABSTRACT 

 

 Thrombus formation is regulated by biophysical mechanisms in ways that are not 

fully understood. Platelets are transported to injuries at rates that depend not only on the 

bulk flow, but also collisions with red blood cells (RBC). Their ability to tether to the 

subendothelium depends on shear stresses at the injury and can be impaired by 

deficiencies in Von Willebrand factor (VWF). The subsequent rate of fibrin formation is 

a function of the mass transfer of coagulation factors and of surface reaction rates. In this 

thesis, I detail studies of these biophysical mechanisms using microfluidic models of 

arterial thrombosis and a novel venous thrombosis model.  

In a flow chamber, I perfused whole blood from patients presenting with clinical 

bleeding over collagen. I found that at elevated shear rates, platelet accumulation was 

sensitive to VWF deficiencies in patients with low VWF levels and type I Von 

Willebrand Disease (VWD). From the assay, I was able to discriminate type I VWD 

patients from healthy controls, suggesting that microfluidic technologies can be adapted 

into a clinical setting. 

Using a low Reynolds number microfluidic mixer I developed, I showed that a 

clinically relevant increase in hematocrit increased platelet accumulation but not fibrin 

formation on a fibrillar collagen surface at an arterial shear rate. In concert with in vivo 

and in silico data, this result suggests that an elevated hematocrit increases the contact 

time platelets have with a growing thrombus, leading to more bond formations and an 

accelerated thrombus growth. This result provides a rationale for antiplatelet therapy for 

patients exhibited elevated hematocrit. 

Venous thrombosis is less characterized than arterial thrombosis. To my 

knowledge, I created the first microfluidic system that includes secondary flows and 

coagulation as a way to model the propagation of a venous thrombus out of a valve 

pocket. While traditionally thought of as a coagulation dependent system, my model 

shows the critical importance of platelets and platelet-RBC collisions in this propagation. 

This study justifies antiplatelet therapy for deep vein thrombosis, and provides a novel 

framework for future mechanistic studies of platelet activation and function in venous 

thrombosis. 
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CHAPTER I 

INTRODUCTION 

 

1.1 General Introduction 

Hemostasis is a physiologic system whereby platelets and coagulation act in 

concert to create a stable blood clot or thrombus at the site of vascular lesions. Fluid 

forces influence the mechanisms of platelet adhesion and aggregation, while blood flow 

regulates coagulation and fibrin polymerization reactions.1 Blood is a dense suspension of 

red blood cells (RBCs), platelets, and white blood cells in a protein rich liquid called 

plasma. The suspension is a non-Newtonian fluid that flows through complex geometries2 

throughout the cardiovascular system.  

At the onset of injury the subendothelial matrix becomes exposed to flowing 

blood. This matrix is composed of a cornucopia of adhesive proteins which can tether and 

bind platelets. Platelets are transported to the injury by the blood flow, and are 

concentrated in near the vessel wall by RBC induced margination discussion in section 

1.4. Collagens (type I, III and VI) bind platelets via the integrin α2β1 (1,000-4,000 per 

platelet) and glycoprotein(GP)VI# (≈ 4,000/platelet).3 Von Willebrand Factor (VWF), an 

adhesive protein present in the plasma and in the matrix forms kinetically rapid bonds 

with the GPIb-IX-V complex (≈ 25, 000 per platelet). Figure 1.1, adapted from a recent 

review by Fogelson and Neeves,1 shows a schematic view of these receptors. Platelets are 

also thought to be able to adhere to fibrin via GPVI.4,5 The adhesion mechanisms of 

platelets on collagen differ slightly in high and low shear conditions.3 At venous shear 

rates (under 500 s-1), as the platelet rolls along the injured surface it directly forms bonds 

with the collagen via α2β1 and glycoprotein(GP)VI. At higher shear rates, found in 

arteries and arterioles, the interaction between surface bound VWF and GPIb (section 

1.2) is needed to slow the platelet down and form an initial weak tether.6 Upon arrest, 

platelets will activate, spreading over the surface and releasing their α-granules which 

contain VWF, P-selectin and clotting factor V among other proteins. Platelet agonists 

such as adenosine diphosphate (ADP) are also released and the platelets expose an 

adhesive surface for additional platelet recruitment (Figure 1.1). Platelets can aggregate, 

i.e, bind to each other, via mutual bonds to plasma VWF strands or via fibringoen 
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through the GPIIb/IIIa receptor.7 While platelet adhesion and aggregation is occuring, the 

coagualation cascade is also initiated. Exposure of tissue factor (TF) leads to the 

production of the enzyme thrombin (Figure 1.1). Thrombin as well as ADP and 

thromboxane A2 are responsible for continuing the activation chain and recruiting more 

platelets to the injury site. Thrombin also catalyzes the polymerization of fibrinogen into 

fibrin.8 Fibrin forms a biopolymer mesh in and around the platelet plug, stabilizing it into 

a blood clot, or thrombus.9 Once a certain size, the clot inhibits protein transport to the 

procoagulant surface, which stymies further growth. In this scenario, the thrombus 

formation is considered mass transfer limited.10   

At lower shear rates, coagulation can occur with less platelet dependence.3 

Negatively charged marcomolecules such as collagen and polyphosphate can activate 

FXII into FXIIa.11 This begins a cascade of clotting factor activation via FIX, FVIII and 

FX which cumulates in the polymerization of fibrinogen into fibrin (Figure 1.2). The 

clots that form here often entrap RBCs and leukocytes within the fibrin mesh. At zones of 

very low flows, such at the sinus of a venous valve, clots are generally RBC and fibrin 

rich.  

Venous valves are also a location where secondary flows can be found.12 As the 

blood flows through the valve, it undergoes an expansion (roughly 1:3). The sudden 

expansion induces an adverse pressure gradient that causes vortices to form, even at Re ≈ 

10 or below (see Chapter 5). These flows, also found at bifurcations in arteries prone to 

atherosclerosis, are known to be procoagulant.13-15 In the venous valve, secondary flows 

can prevent RBCs from entering the deep valve pocket,12 causing local hypoxia16 which is 

thought to initiate venous thrombus formation.17 How flows and RBCs affect this 

thrombus formation is discussed in more detail in Section 1.5 and Chapter 5. 

 In this thesis, I use microfluidic approaches to study the biophysical mechanisms 

of thrombus formation. These mechanisms include the shear stress dependent GPIb-VWF 

bond, platelet-RBC interactions, platelets and coagulation in secondary flows and platelet 

adhesion to fibrin and activation in secondary flows. Chapter 2 describes the use of a 

microfluidic model of vascular injury to test platelet adhesion at three shear rates in a 

cohort of individuals suspected of having deficiencies in the plasma protein von 

Willebrand factor (VWF). Chapter 3 details a new device to overcome low Reynolds 
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number mixing problems inherent in microfluidics to prolong assays on coagulation. 

Chapter 4 describes the use of these microfluidic approaches to demonstrate how elevated 

RBC concentration, or hematocrit, results in enhanced platelets accumulation. In Chapter 

5, scaling techniques are used to create the first in vitro model of venous thrombosis. This 

model includes geometries that mimic blood flow profiles in human venous valves, 

surface reactions (eg:tissue factor-factor VIIa, Figure 1.1) to induce coagulation, 

manipulation of RBC-platelets collisions in bulk flow (varying RBC percentage), platelet 

adhesion under varying shear in vortical flows, and the chemical activation of platelets. 

In the following sections, I introduce key concepts needed to understand the background 

and importance of this work. 

 

 

 

Figure 1.1 (Adapted from Fogelson and Neeves, Annual Review of Fluid Mechanics 

2014): Schematic of surface and bulk coagulation reactions. Roman numerals indicate 

plasma proteins, and when followed by an “a” are in the active form. Of particular 

interest in this thesis is the surface tissue factor (TF) pathway via tenase (TF:VIIa) to the 

formation of fibrin. 
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1.2 Flow Chamber Studies on the GPIb-VWF Bond 

A prime example of the interaction between shear forces and receptors-ligand 

dynamics is the GPIbα-VWF bond between a platelet and VWF18 (Figure 1.2). VWF is a 

plasma protein secreted by the endothelium and platelets that unfolds at shear stresses of 

around 35 dyn/cm2.19 Upon unfolding, the protein exposes its A1 domain that can tether 

the GPIb receptor on a platelet. Blockage of the GPIb receptor prevents platelet adhesion 

at high shear rates (~1500 s-1) 20. This bond is of critical clinical importance because it is 

the source of the most common bleeding disorder in the in world. 

Patients with quantitative or qualitative defects in the VWF plasma protein are 

diagnosed with Von Willebrand disease (VWD). Type I VWD is the most common form 

of VWD (~80% of cases) and is defined by the quantitative deficiencies in plasma VWF 

levels.21 Type II VWD encompasses the qualitative defects that can be found in VWF. 

Specifically, type IIA  is characterized by the loss of high molecular weight multimers by 

enhanced cleavage through a disintegrin and metalloproteinase with a thrombospondin 

type 1 motif, member 13 (ADAMTS13). Type IIB VWD is characterized by an 

enhancement of the GPIb-VWF bond, leading to low circulating platelet levels.22 The 

near total absence of VWF defines type III VWD.21 

Patients with type I von Willebrand’s disease (VWD) have reduced platelet 

adhesion to collagen at shear rates above 650 s-1.23-28 Mutations in the A1 domain such as 

those found in type IIB VWD can prevent catch bonds ie: bonds whose dissociation rate 

decreases with increasing force.	29 Only the inverse slip bonds, whose dissociation 

increases with increasing force form.30 The tensile force exerted on VWF in shear flow 

increases with the square of the protein’s length, and is strongest in the middle.31 In 

addition to exposing the A1 domain of VWF, shear forces also expose the A2 domain 

where the protein can be cleaved at the Tyr1605-Met1606 peptide bond by 

ADAMTS13.32 This natural regulation prevents prothrombotic ultra high molecular 

weight VWF from circulating in the plasma. Shear forces therefore serve to “activate” 

VWF when it is needed, and to cleave it when it is too large.	

Current clinical assays used in the evaluation of VWD have been unable to 

predict clinical bleeding.33-35 Most of the assays do not incorporate any of the shear 

stresses responsible for VWF function, which may be a fundamental limitation to their 
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ability to measured deficiencies or mutation in the protein. For example, the ristocetin co-

factor assay (VWF:RCo), developed in the 1970’s by Howard and Firkin36, measures the 

ability of ristocetin to bind to VWF under static conditions. Similarly, the VWF collagen 

binding assay measures the ability of VWF to bind to specific collagen substrate (type I, 

type III or type VI) under static conditions.37,38 These assays as currently designed do not 

appear to correlate with clinical bleeding.35  

 

 

 

 

Figure 1.2 (Adapted from Fogelson and Neeves, Annual Review of Fluid Mechanics 

2014): Platelet adhesion receptors and ligands. The force dependent binding of GPIb to 

VWF, whether on the collagen surface or between platelets plays a critical role in 

Chapter 2. The fibrin(ogen) bridge between αIIbβ3 receptors will be manipulated in 

Chapter 5. 

 

The aforementioned force-dependent nature of the GPIb-VWF bond makes assays 

that incorporate shears stresses a natural fit for a potential diagnostic platform for VWF 

deficiency evaluations.39-41 The first widely used commercial system that incorporated 

flow into a whole blood assay was the Platelet Function Analyzer (PFA-100®, 

Siemens).42 The system requires 1 mL of whole blood to be pipetted into a cartridge that 

contains a capillary with a small aperture coated with collagen and one of two possible 
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platelet agonists: adenosine diphosphate (ADP) or epinephrine (EPI). The system will 

flow the blood in a single pass through the aperture at high initial shear rates (>2000 s-1) 

until it occludes, giving a “closure time” metric. The simple interface and output has 

made the system far more accessible in clinical environments than complex custom flow 

chambers. The system is sensitive to all types of VWF deficiencies found in VWD 

patients,43,44 but does not outperform the VWF:RCo in predicting bleeding.45 However, in 

a sixteen year retrospective study of over 4000 patients referred to a clinic, of which 213 

were confirmed to have VWD, the PFA-100 did prove superior to the VWF:RCo as a 

screening tool.46 The promising nature of this flow system has given rise to other 

approaches. Most notably, microfluidic approaches to VWD diagnostics are also being 

developed. In Chapter 2, I will discuss these systems to evaluate the diagnostic capability 

of my microfluidic system.  

  

1.3 Mixing at Low Reynolds Number Flows in Microfluidics and its Importance for 

Assays of Platelet Function and Coagulation 

At the length scales characteristic of microfluidic channels, the Reynolds numbers 

(Re) is often small (<1) and therefore viscous forces dominate. For example, our 

microfluidic platelet adhesion assays have Re that range from Re  ≈ 0.01 -0.2.47-53 These 

Re are characteristic of the microvasculature, but lower than those found in larger vessels 

in the body. Our goal in these assays is to match physiologic shear rates (25-2500 s-1) and 

not Re. From a practical perspective, the smooth laminar flows at these low Re make it 

difficult to add solutes to whole blood in a continuous fashion on-chip.  

In vitro assays of platelet function and coagulation require the removal of blood 

from the body. In order for the blood to not clot within seconds, an anticoagulant must be 

used during the phlebotomy.54,55 The most common anticoagulant, and the one used for 

most studies in this thesis is sodium citrate. Sodium citrate chelates divalent cations, 

notably calcium and magnesium from the blood. Coagulation and some platelet signaling 

pathways are calcium dependent,56 so the removal of extracellular calcium prevents the 

blood from clotting. This anticoagulant has the advantage that it is partially reversible 

with the addition of a buffer containing calcium and magnesium ions.55 The method I 

used to accomplish this reversal in Chapter 2 is called batch recalcification, wherein 
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immediately prior to perfusion in the flow chamber I add a bolus of solution. This method 

has the advantage of simplicity, but artificially limits the assay to less than 10 

minutes,47,48,52,57-62 after which the blood in the inlet reservoir will clot. In order to increase 

the study time, of particular interest for coagulation studies such as in Chapter 4, we 

needed a continuous method of mixing. Previous strategies are detailed in Chapter 3, but 

in summary we needed a new microfluidic mixer to maintain low fluid volumes, and thus 

had to overcome well documented low Re mixing problems.63-66 At these Re, flow is 

smooth and laminar and thus mixing relies on diffusion in order to eliminate all 

concentration gradients. I adapted a chaotic mixer developed by Stroock et al.66 to work 

with whole blood that decreased the diffusion length enough by the end of the mixer that 

I could perfuse recalcified whole blood over a prothrombotic substrate for over 30 

minutes.  

 

1.4 The Role of Red Blood Cells in Thrombosis 

 The most numerous cell in blood is the red blood cell (RBC) at counts of 4-6 

billion/mL, which is 20-fold higher than platelets. These cells take up a volume fraction, 

termed hematocrit (HCT), of 0.35-0.5 in healthy humans. While primarily considered for 

their role in oxygen delivery, there is evidence that RBC contribute to thrombosis. In 

epidemiology studies, high HCT has been shown to be a risk factor in both arterial67-69 

and venous70,71 thrombosis. RBC can express procoagulant phosphatidylserine on their 

outer membrane and contribute to thrombin formation,72-79 but the primary mechanisms of 

the increased risk of thrombosis are thought to be biophysical (see Chapter 4).80 

 As the primary cellular component of blood, RBCs are the principle determinant 

of blood viscosity.81 In general, the higher the HCT, the more viscous the blood. This 

increase in viscosity is non-linear, and even in the clinical range of HCT, the viscosity 

can vary drastically (~2.5-6 cP)82 at venous and arterial shear rates. Of note however, 

hyperviscosity of blood actually causes bleeding83 so the link between viscosity and 

thrombosis is not clearly established. 

 When flowing through a vessel, RBCs will enrich platelets in the near wall region 

by a process termed margination1. The near wall region, as well as being enriched in 

platelets, is also devoid of RBCs.84 The thickness of this depletion layer scales with  
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HCT-1/2,85 and arises from the lift force generated by the asymmetry of the deforming 

RBCs flowing close to the wall.86 Hydrodynamic collisions ie: flow induced stresses and 

lubrication forces as opposed to rigid body collisions, cause shear-induced diffusion that 

moves particles towards the wall due to gradients in RBC density between the center and 

the wall. For platelet sized particles, this shear induced-diffusion is ~100 fold quicker 

than Brownian diffusion.87 Observations of margination have shown that this effect 

increases with increasing shear stresses88 and with increasing HCT.84,89 Size is also a 

factor in the margination, with submicron particles not being strongly subject to the 

phenomenon compared to 2-5 µm particles.90 Elliptical cells are subjected to a stronger 

margination forces because of increased contact area and reduced drag.91,92 In order to 

cause margination, the RBCs themselves cannot be rigid.93-95. Taken together, these 

observations and models show that rigid elliptical 2-5 µm platelets in suspension with 

flexible RBCs in shear flows are ideal conditions for margination. However, it is unclear 

whether increased margination itself increases the rate of thrombus formation. 

 In order to determine why increased HCT causes increase risk of thrombosis we 

worked with the Wolberg group at University of North Carolina at Chapel Hill who have 

developed a model wherein they could cause elevated hematocrit by injecting RBC taken 

from one mouse into another, not unlike the blood doping made famous in cycling 

races.80 An arterial thrombosis model was then used to monitor thrombus formation in 

vivo. A complementary in silico approach was used by the Fogelson group at the 

University of Utah to study margination over a porous thrombus growing into the lumen 

as a function of HCT. In order to match these systems, I created a microfluidic model 

where I matched the HCT of the in vivo and in silco models, and perfused blood over a 

collagen patch (matching geometry of the in silico model). In order to distinguish the 

subtle differences between the thrombus formation, I needed to run the assays for 15 

minutes, which required the use of the mixer detailed in Chapter 3. The results and a 

more detailed description of the study can be found in Chapter 4. 

 

1.5 Deep Vein Thrombosis 

Venous thrombosis (VT) occurs in slower flows than arterial thrombosis and as a 

result is thought to be more coagulation dependent. In humans these clots often occur in 
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the interior veins in the leg.96 This condition is then referred to as deep vein thrombosis 

(DVT). While painful, this condition itself is not life threatening. The danger of DVT 

stems from the possibility of the clot breaking apart or off, termed embolizing, and 

getting lodged in the pulmonary circulation system. This blockage to the blood flow in 

the lungs is called pulmonary embolism (PE) and has a incidence rate of 1-3/1000 per 

year.97
 

Thrombi extracted from autopsies of fatal cases of PE are known to be fibrin and 

RBC rich96 (as opposed to the platelet rich arterial thrombi). In the case of the VT 

however, there is no clear injury to the blood vessel. In this scenario how is fibrin 

produced? The prevailing hypothesis relies on the dysfunction of venous valves.17 

Endothelial cells lining the area behind the venous valves can become hypoxic when their 

access to fresh RBC is reduced or eliminated.98 Hypoxic cells can become activated and 

express integrins and selectins that can bind to circulating platelets, microparticles, and 

leukocytes99. These cells in turn are able to activate and express tissue factor (TF) (Figure 

1.1). Alternatively, leukocytes are able to release neutrophil extracellular traps (NETs), 

large DNA fragments used to ensnare bacteria or other foreign bodies.100 The NETs are 

highly negatively charged and can thus promote the contact pathway of coagulation.101,102  

Most mechanistic studies on VT are performed on mice. The extensive knowledge 

base of mice in thrombosis research4,103-108 offers a strong library of relevant genetic 

modified strains. For example, mouse models have been used to determine the 

importance of plasma proteins such as VWF,108 platelet receptors like glycoprotein VI,4,5 

leukocyte surface signaling markers including Ly6,109,110 or endothelial cell proteins such 

as podoplanin111 in the context of thrombosis. All of the mouse models include an intact 

and functioning endothelium, and therefore include complex biological mechanisms that 

may or may not be fully understood. 

Murine models of venous thrombosis often involve partial or total ligation of a 

vein to induce thrombosis.112 One common injury involves totally ligating the inferior 

vena cava vein in mouse.105,113-115 This injury is the most severe of the models and results 

in rapid TF expression on the endothelium and thrombus growth.116 The partial ligation of 

the vein has been used to include some blood flow in the study of the initiation of venous 

thrombosis.108,117 An alternative approach to induce clotting has been to reduce the levels 
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of antithrombin (AT in Figure 1.1) and protein C (PC in Figure 1.1) via interfering 

RNAs118. This last method resulted in conflicting information about the role of leukocytes 

in VT clot formation and highlights the importance of evaluating relative strengths and 

weaknesses of each model.119 Notably, none of the murine model include the secondary 

flow profiles that not only exist in human VT12,16, but play a critical role in the oxygen 

retention120 that can cause hypoxia and promote thrombosis.98 Once coagulation is 

initiated, it still needs to propagate out from behind the venous valves. It is in this 

propagation stage that I hypothesize the correct flow patterns are critical. Further 

described in Chapter 5, vortical flows are observed behind human valve leaflets.120-122 

These types of flows support thrombus formation14, promote platelet aggregation in a 

hematocrit dependent manner13,89,123 and allow for platelets and leukocytes to adhere to 

the low shear regions created by the vortex.13,124,125 Therefore, it was necessary to create a 

new model of venous thrombosis that includes these flows. This model is found in 

Chapter 5. Unlike previous microfluidic models, the DVT model required scaling based 

on Re to properly mimic the flow profiles. The methodology and challenges of this 

system, as well as the results are detailed in Chapter 5. 
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Abstract 

Von Willebrand disease (VWD) is a mucocutaneous bleeding disorder with a reported 

prevalence of 1 in 10,000 individuals. VWF function and platelet adhesion are regulated 

by hemodynamic forces that are not integrated into most current clinical assays. In this 

report, we evaluate whether a custom microfluidic flow assay (MFA) that incorporates 

physiologic flow can screen for deficiencies in VWF in patients presenting with 

mucocutaneous bleeding. Our results suggest that at shear rates of 750 s-1 and 1500 s-1 the 

dynamics of platelet accumulation in the MFA are sensitive to VWF deficiencies in 

individuals with type 1 VWD and low VWF levels. These data suggest that this approach 

can be used as a screening tool for VWD. We also observed a strong correlation between 

platelet accumulation and response to DDAVP at 1500 s-1. 

 

2.1 Introduction 

von Willebrand disease (VWD) is an inherited bleeding disorder with a 

symptomatic prevalence of 1 in 10,000 individuals.1 Both quantitative and qualitative 

deficiencies of von Willebrand factor (VWF) predispose individuals to mucocutaneous 

bleeding.1 The most common form of the disease is type 1, which is characterized by a 

mild to moderate deficiency of VWF and exhibits variable expressivity and incomplete 

penetrance.2-4 There is also a substantial proportion of individuals with low VWF levels 
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that do not meet the criteria of VWD but have clinically significant mucocutaneous 

bleeding.5 A third category of patients presents with mucocutaneous bleeding with no 

abnormal laboratory finding, including normal VWF levels, and we refer to this group as 

mucocutaneous bleeding of unknown origin (MCB).  In each of these disorders, standard 

clinical assays of VWF function are unable to predict clinical bleeding.6-8  

VWF function is regulated by the forces imposed on it by blood flow.9 Thus, it 

has been hypothesized that assays that mimic physiologic hydrodynamic forces could be 

a more sensitive measure of VWF function than current clinical assays.10 In this study, we 

test this hypothesis using a custom microfluidic flow assay (MFA) and the PFA-100 in 

individuals with VWD, low VWF, or MCB.  

VWF function relies on shear and extensional stresses to expose its A1 domain,11 

which in turn supports platelet adhesion and aggregation through glycoprotein 1bα 

(GP1bα).12 However, these stresses are not incorporated into most VWF assays. In the 

ristocetin co-factor assay (VWF:RCo), ristocetin “activates” VWF in the absence of shear 

stress. 13 The VWF collagen binding assay (VWF:CB) measures the ability of VWF to 

bind to collagen under static conditions14,15 but it is unclear whether VWF:CB correlates 

with clinical bleeding.15,16 The PFA-100 is the most widely used flow-dependent assay of 

VWF and platelet function in the clinical setting. In a retrospective study of over 4000 

patients including 213 VWD cases the PFA-100 outperformed standard VWF:RCo assays 

in screening for VWF deficiency.17,18 However, the system is sensitive to other factors 

affecting platelet adhesion such as platelet count, hematocrit, and antiplatelet agents. 

There are conflicting reports regarding its sensitivity/specificity for screening or 

confirming the diagnosis of type 1 VWD compared to other mucocutaneous bleeding 

disorders.8,17 In addition, the PFA-100 has relatively limited linear correlation with VWF 

levels in individuals with VWD and does not output real-time platelet adhesion 

values.19,20  

 Flow-based assays can incorporate the hydrodynamic forces that regulate VWF 

function and platelet adhesion in vivo.21,22  Microfluidic formats of these assays are 

particularly attractive for the clinical setting owing to their low blood volume 

requirements and high throughput.21,23 Specific to VWD, early studies in annular or 

parallel plate flow chambers to assess VWD showed that platelet adhesion is dependent 
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on VWF levels and shear rate.22,24-27 These experiments provide an essential framework to 

investigate the force dependent function of VWF in VWD, but are limited by relatively 

small patient numbers and the inability to monitor real-time platelet adhesion rates. More 

recently, Nogami and colleagues used a commercial microfluidic flow system (T-TAS®) 

to study bleeding severity of type I VWD patients.28 They report differences across the 

patient cohort using a collagen-coated microfluidic-chip, but similar to the PFA-100, 

many patients with VWF:RCo<10 fell outside the sensitive range of the assay.  

In this report, we present a collagen-based MFA that allows for the real-time evaluation 

of platelet adhesion and aggregation in cohorts of type 1 VWD, low VWF, and MCB. We 

found that the MFA correlates to VWF:Ag, is capable of discriminating type I VWD, 

detects shear-dependent abnormalities in low VWF, and measures response to 

desmopressin, 1-desamino-8-D-arginine (DDAVP). 

 

2.2 Materials and Methods 

A) Materials  

Type I collagen, ristocetin, and ADP were from Chrono-Log Corp (Havertown, 

PA). Platelet aggregation was performed on a Chrono-Log Model 700 (Chrono-Log 

Corp, Havertown, PA) or a PAP-8E Platelet Aggregometer (Bio/Data Corporation, 

Horsham, PA). Calcium chloride, magnesium chloride, glutaraldehyde, 3,3'-

dihexyloxacarbocyanine iodide (DiOC6), and human placental type III collagen were 

from Sigma-Aldrich (St. Louis, MO). (Tridecafluoro-1,1,2,2-tetrahydrooctyl) 

trichlorosilane was from Gelest (SIT8174.0, Morrisville, PA). Tubing (Tygon S-54-HL 

PVC Medical Tubing, 0.01" ID) was from Cole Parmer (Vernon Hills, IL). 

Polydimethylsiloxane (Dow Corning Sylgard 184) was from Krayden (Westminster, 

CO). The photoresist KMPR 1050 was from MicroChem (Newton, MA). HEPES 

buffered saline (HBS; 20 mM HEPES, 150 mM NaCl, pH 7.4), recalcification buffer 

(750 mM CaCl2, 375 mM MgCl2 in HBS) and bovine serum albumin buffer (BSA buffer; 

2 mg/mL BSA in HBS) were made in-house. Anti-VWF antibodies AvW-1 and 105.4 

were gifts from Dr. Sandra Haberichter (BloodCenter of Wisconsin, Milwaukee, WI).  

ELISA Anti-VWF antibody was from DAKO (Santa Clara, CA). Goat anti-rabbit 
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horseradish peroxidase (HRP) linked antibody was from Fisher Scientific (Hampton, 

NH).  

B) Study Design and Patient Recruitment 

Patients with VWD or reported mucocutaneous bleeding seen at the Hemophilia 

and Thrombosis Center of the University of Colorado were enrolled after informed 

consent. The study was approved by the University of Colorado Institutional Review 

Board (COMIRB 09-0816) and was conducted in accordance with the Declaration of 

Helsinki. Twelve milliliters of citrated whole blood were collected. Whole blood was 

used for MFA, PFA-100, and platelet aggregation; platelet rich plasma for platelet 

aggregometry; and platelet poor plasma for VWF:Ag, VWF:RCo, VWF:CB (Figure 2.1). 

A standardized bleeding assessment tool (BAT) was administered by a research assistant 

blinded to the specific clinical diagnosis.29 Type I VWD was defined by VWF:Ag level 

<30 IU/dL and VWF:RCo/VWF:Ag ratio >0.6. Low VWF was defined by VWF:Ag level 

30-50 IU/dL and a VWF:RCo/VWF:Ag ratio > 0.6. MCB was defined as reported 

mucocutaneous bleeding, a VWF:Ag level >50 IU/dL and no other laboratory evidence 

of a  bleeding diathesis. For those patients that underwent treatment with intranasal 1-

desamino-8-D-arginine vasopressin (DDAVP, Stimate®, CSL Behring, King of Prussia, 

PA, USA), research samples were collected prior to and 1 hour following a clinical 

DDAVP-based challenge.  

C) VWF:Ag Assay 

VWF:Ag levels were assessed on a Stago Liatest VWF:Ag Immuno-turbidimetric 

assay (per manufacturer’s instruction), a ILEX/Instrumentation Laboratory HemosIL 

Latex enhanced immunoassay (per manufacturer’s instruction), or via a VWF ELISA. 

For VWF ELISA, the concentration of VWF in each sample was determined by ELISA 

using two anti-VWF mAbs for capture: AVW-1 and 105.4 as previously described.	30  

D) VWF:RCo Assay 

VWF:RCo levels were assessed via ILEX/Instrumentation Laboratory HemosIL 

Latex enhanced immunoassay (per manufacturer’s instruction).   

E) VWF:Collagen Binding Assay (VWF:CB)  

VWF binding to type III collagen was determined via a modified ELISA.  A 96-

well plate was coated with 5 µg/mL type III human placental collagen and then blocked 
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for 1 hour with 1% BSA. Samples were incubated for 1 hour at room temperature and 

washed with PBS-Tween. VWF was detected using a rabbit-anti-human VWF and a HRP 

goat-anti-rabbit antibody. Concentrations were calculated by comparing samples to a 

known range of pooled normal plasma (PNP) dilutions on the same 96-well plate, where 

the VWF concentration of undiluted PNP was assumed to be 1 U/mL. VWF:CB ratios 

were determined by dividing the VWF:CB result by the VWF:Ag result of the same 

sample.  

F) Platelet Aggregation 

Platelet aggregation was performed in response to collagen (1 µg/mL and 5 

µg/mL), ristocetin (1 mg/mL), and ADP (10 µM). Platelet aggregation profiles were used 

to screen individuals with MCB for platelet dysfunction. Patients with abnormal platelet 

aggregometry were then excluded from further analysis. Platelet dysfunction was defined 

as less than 50% of control sample aggregation to a minimum of two agonists excluding 

ristocetin.  

G) Microfluidic Flow Assay (MFA) 

Fibrillar type I collagen (500 µg/L) was patterned into a 250 µm wide strip using 

a microfluidic channel vacuum-bonded to a glass slide and incubated for 1 hour at 30°C 

and then stored at 4°C up to three days.31,32 A vacuum-bonded microfluidic flow chamber 

was used according to previous reports33 and consists of three channels of 500 µm width, 

50 µm height, 11 mm length. Prior to use, citrated whole blood was incubated at 37 °C 

for 15 minutes34 and then re-calcified to 7.50 mM CaCl2 and 3.75 mM MgCl2. Samples 

were perfused at wall shear rates of 150, 750, and 1500 s-1 for 5 min using a syringe 

pump (Harvard Apparatus, PhD 2000). Platelet accumulation was captured by relief 

contrast microscopy (Olympus IX81, 20X, NA=0.45) at 20 frames/min. After perfusion, 

the channel was rinsed with HBS and fixed with glutaraldehyde (2%) for 5 min. Images 

were analyzed using a custom Sobel-based MATLAB edge-finding protocol which 

quantifies the surface area coverage of platelets (Matlab File Exchange: 

EdgeFindRoutine). The lag time was defined as the time required to 5% platelet surface 

coverage. The velocity was defined with the MATLAB robust fit line function 

(RANSAC) between achievement of the lag time and 90% of the maximum value. If a 

given sample did not reach 5% surface coverage (n=4), the slope was taken from 2% 
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coverage to 90% of the maximum. The maximum was defined as the greatest surface 

coverage during the assay.  

H) Platelet Function Analyzer 100 (PFA-100)  

Citrated whole blood was assayed in the PFA-100 collagen/epinephrine and 

collagen/ADP cartridges per manufacturer’s instructions (Siemens Medical Solutions, 

Malvern, PA).  

I) Statistical Analysis 

Statistical analysis was performed using Graphpad PRISM 7 (La Jolla, CA). For 

demographic data, significance was determined using a one-way ANOVA comparing all 

groups. For continuous variables, significance was determined using the Spearman 

correlation coefficient or Pearson’s correlation test. The Kruskal-Wallis with Dunn’s 

post-test was used to compare cohorts. For pre-post DDAVP analysis, the one tailed 

matched Wilcoxon Rank Test was used to determine significance under the hypothesis 

that DDAVP will result in a gain-of-function in the MFA. Significance was concluded for 

α < 0.05. 

Figure 2.1: Study Design. Patients with VWD, low VWF, and MCB are enrolled in an 

IRB-approved clinical banking study. At time of enrollment, a bleeding assessment tool 

is administered. After enrollment, citrated whole blood is drawn into vacutainers and 

delivered to the laboratory. One vacutainer is reserved for the MFA and PFA-100. The 

other 2 vacutainers are used for the remaining assays; VWF antigen (VWF:Ag), ristocetin 

induced aggregometry (VWF:RCo), platelet aggregation, VWF binding to collagen III 

(VWF:CBIII).  

Patient Enrollment

Bleeding Assessment Tool Standard Assays Microfluidic Assays

VWF:Ag

VWF:RCo

Platelet 
Aggregation

VWF:CB

PFA100

Lag Time

Velocity

Maximum
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2.3 Results 

A) Patient enrollment and characterization 

Thirty-five patients with VWD, low VWF, or MCB were enrolled and evaluated 

in the assays outlined in Figure 2.1. Three samples were identified as consistent with a 

platelet dysfunction disorder and were excluded from further analysis. Based on 

VWF:Ag, 10/32 patients were categorized as type 1 VWD, 12/32 were patients with low 

VWF, and 10/32 were patients with MCB. Table 2.1 shows the characteristics for each 

cohort. There was a statistically significant difference in VWF:Ag/VWF:RCo between 

the cohorts as expected due to the a priori classification of these patients. There was also 

a statistically significant difference in clinical BAT scores amongst the three groups 

(p=0.0083). Collagen type III binding results demonstrate a slight decrease in 

VWF:CBIII to VWF:Ag ratio in the type 1 VWD cohort compared to the other groups 

that was not statistically significant. 

B) Platelet aggregometry and VWF-collagen binding 

For 5 µg/mL collagen, there was a decreased maximum aggregation in the low 

VWF cohort compared to the MCB cohort and for ristocetin there was a decreased 

maximum aggregation in the type 1 VWD cohort compared to the low VWF cohort 

(Figure 2.2). There was no difference in maximum aggregation to 1 µg/mL collagen or 

ADP among cohorts.  

C) Velocity, lag time and maximum platelet accumulation in MFA at 750 s-1 and 1500 s-1 

shear rates are correlated with VWF:Ag and VWF:RCo but not VWF:CB or BS.  

Figure 2.3 shows representative surface coverage traces for platelets on type I 

collagen and images from five sample types; control, low VWF before and after 

treatment with DDAVP, and varying levels of type 1 VWD. We used the lag time, 

velocity, and maximum to characterize the dynamics of platelet accumulation. In 

preliminary studies (not shown) we found that saturating the surface with collagen fibers 

provided larger differences in platelet adhesion at low VWF levels. As such, we used a 

higher collagen concentration (500 µg/mL) than is typical in platelet adhesion flow 

assays (100 µg/mL).34 These metrics were correlated against VWF:Ag (Figure 2.4) and 

VWF:RCo  (Figure A1) for each shear rate. Lag time, velocity, and maximum values of 

the MFA correlated with VWF:Ag and VWF:RCo levels across the entire cohort at 750 
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and 1500 s-1. There was not a significant correlation between the MFA metrics and 

VWF:Ag or VWF:RCo at 150 s-1. There was no significant correlation between the MFA 

metrics and bleeding score as measured by BAT or VWF:CBIII (Figure A2 and Figure 

A3). 

Recasting the MFA data in terms of clinical groups shows that velocity and 

maximum metrics are particularly sensitive to shear rate in the type 1 VWD and low 

VWF groups (Figure 2.5). In the type 1 VWD group, there was a significant decrease in 

velocity and maximum at 750 s-1 and 1500 s-1 compared to 150 s-1. Similar results were 

obtained in the low VWF group. This result suggests that at lower levels of VWF (type 1 

VWD and low VWF), platelet accumulation velocities and maximal platelet 

accumulation are impaired compared to individuals with higher VWF levels.  

 

 

Table 2.1: Descriptive evaluation of patient cohorts. Type 1 patients are defined by 

VWF:Ag level <30 IU/dL and VWF:RCo/VWF:Ag ratio of greater than 0.6. Low VWF 

Level patients have VWF:Ag levels between 30-50 IU/dL and MCB patients have 

VWF:Ag levels >50 IU/dL. P-values shown are analyzed via one-way ANOVA 

comparing differences in all groups.  

Mean Type 1 (N=10) Low VWF (N=12) MCB (N=10) P-Value 

Age (years) [Range] 24 [3 - 60] 14.8 [2 - 29] 22.8 [9 - 65] 0.2745 

VWF:Ag (IU/dL) 

[Range] 
14.8 [6 - 26.3] 40.7 [34 – 47] 71.4 [51 - 130] <0.0001 

VWF:RCo (IU/dL) 

[Range] 
12.9 [10 - 27.6] 38.7 [28 - 52.2] 59.1 [39.3 - 149.9] <0.0001 

VWF:CBIII/VWF:A

g Ratio [Range] 
0.77 [0.001 -1.6] 0.98 [0.12 - 1.5] 0.87 [0.58 - 1.37] 0.4543 

BAT Score [Range] 10.7 [3 – 19] 4.5 [0 - 9] 6.2 [0 - 14] 0.0083 
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Figure 2.2: Platelet aggregometry of type 1, low VWF and MCB Patients. Platelet 

aggregation studies were performed on all patients in response to low and high dose 

collagen (1 and 5 µg/mL), ristocetin (1 µg/mL), and ADP (10 µM). Maximum 

aggregation was compared to control subject maximum aggregation to determine 

maximum % aggregation. Statistical significance is shown with capped lines (* p<0.05). 
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Figure 2.3: Platelet accumulation on type I collagen at 750 s-1 in the MFA. A) 

Representative traces of the kinetics of platelet surface coverage for five samples; severe 

type I VWD (VWF:Ag = 10 UI/dL), type I VWD (VWF:Ag = 17.6 UI/dL), low VWF 

before (VWF:Ag = 43 UI/dL), healthy control and after DDAVP treatment (VWF:Ag = 

248 IU/dL). Lag time is defined as the time to 5% surface coverage. Maximum is defined 

as the highest surface coverage reached in 5 minutes. Velocity is defined as the slope of 

the linear growth regime, between the lag time and 90% of the maximum. B. Relief 

contrast images (20X, 0.45NA) of the five samples at 150 s-1. Scale bar = 50 µm. 
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Figure 2.4: Correlation of MFA metrics to VWF:Ag. The lag times, velocities and 

maxima of the complete cohort are plotted versus VWF:Ag for 150, 750 and 1500 s-1. 

The cohort is divided into three categories: Type I VWD (magenta circles), low VWF 

(blue squares) and MCB (black triangles). The mean ± SD of the controls (n = 7) is 

shown as a grey area. Two-tailed p-values from a Spearman correlation test of the total 

cohort with a zero-slope null hypothesis are shown on each plot.  

 

 

  

0 50 100
0

100

200

300

400

L
a
g

 T
im

e
 (

s
)

0 50 100
0.000

0.002

0.004

0.006

0.008

V
e
lo

c
it

y
 (

1
/s

)

0 50 100
0.0

0.2

0.4

0.6

0.8

1.0

VWF:Ag (IU/dL)

M
a
x
im

u
m

0 50 100
0

100

200

300

400

0 50 100
0.000

0.002

0.004

0.006

0.008

0 50 100
0.0

0.2

0.4

0.6

0.8

1.0

VWF:Ag (IU/dL)

0 50 100
0

100

200

300

400

0 50 100
0.000

0.002

0.004

0.006

0.008

0 50 100
0.0

0.2

0.4

0.6

0.8

1.0

VWF:Ag (IU/dL

P (two-tailed) 0.8550

P (two-tailed) 0.9963

P (two-tailed) 0.0253

P (two-tailed) 0.0008

P (two-tailed) 0.0056

P (two-tailed) <0.0001

P (two-tailed) 0.4558 P (two-tailed) 0.0023 P (two-tailed) 0.0003

150s-1 750s-1 1500s-1



 32 

D) MFA metrics and PFA-100 do not correlate with VWF:Ag at levels less than 20 

IU/dL.   

Closure times in the PFA-100 in both collagen/ADP collagen/EPI cartridges 

correlated with VWF:Ag levels (Figure 2.6). For VWF:Ag < 20, neither the PFA-100 nor 

the MFA metrics showed a statistically significant correlation with VWF:Ag, yet there is 

a trend to better linear sensitivity at 5 < VWF:Ag < 20 for the MFA compared to the 

PFA-100 (Figure A4). The MFA maxima at 750 s-1 and 1500 s-1 had an increasing trend 

with increasing VWF:Ag over this range. The closure time for PFA-100 collagen-ADP 

and collagen-EPI cartridges reached or was close to its maximum value (300 sec) with 

VWF:Ag < 20 IU/dL.  

E) MFA metrics and the PFA-100 have similar discriminatory power between clinical 

groups 

Figure 2.7 recasts the data from Figures 2.4 and 2.5 in terms of clinical groups. As 

there was little correlation between VWF:Ag and MFA metrics at 150 s-1, we present the 

data for 750 and 1500 s-1. At these shear rates, the type 1 VWD group had significantly 

decreased velocities and maxima compared to control and MCB groups. Similarly, the 

PFA-100 collagen/EPI cartridge had significantly higher closure times in the type 1 

VWD and low VWF groups compared to controls and MCB groups. Neither the MFA 

nor the PFA-100 could discriminate between the type I VWD and low VWF groups.  

F) MFA metrics in response to DDAVP therapy 

The MFA metrics were evaluated for six patients treated with DDAVP. Paired 

analyses were done from blood drawn immediately prior to, and one hour after 

administration of intranasal DDAVP (150 mcg for individuals < 50 kg and 300 mcg for 

individuals > 50 kg) (Figure 2.8). At 750s-1, the lag time decreased but the velocity and 

maximum did not increase. At 1500 s-1, the lag time, maximum, and velocity all 

significantly improved. There were no statistically significant changes in MFA metrics at 

150 s-1 pre/post DDAVP administration. These results mirrored similar increases in 

VWF:Ag and VWF:RCo seen pre/post DDAVP (data not shown); one patient did not 

respond clinically the DDAVP, and for that patient the MFA did not show an increase in 

function.  
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Figure 2.5: Intra-cohort comparison of MFA-based velocity and maximum demonstrated 

decreased MFA-based metrics with increased shear rate in Type 1 VWD and Low VWF 

patients. The velocity and maximum values of each shear rate for each cohort is plotted 

above. Each cohort was analyzed via one way ANOVA with Holm-Sidak’s multiple 

comparisons test. Statistical significance is shown with capped lines (* p<0.05, ** 

p<0.01, **** p<0.0001). 

  



 34 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Figure 2.6: Correlation of closure times using PFA100 Collagen-ADP and Collagen-

Epinephrine cartridges with VWF:Ag in the entire cohort. Closure time of the PFA100 is 

plotted with respect to VWF:Ag for the complete cohort. The cohort is divided into three 

categories: Type I VWD (magenta circles), low VWF (aqua squares) and MCB (black 

triangles). The mean +- SD of the controls (n=7) is shown as a grey area. Two-tailed p-

values from a Spearman correlation test of the total cohort with a zero-slope null 

hypothesis are shown on each plot. 
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2.4 Discussion 

 The force dependence of VWF function and its interactions with platelets has led 

to the hypothesis that measuring VWF-dependent platelet function under flow conditions 

will reveal additional information beyond existing clinical assays. In this study we tested 

this hypothesis using a custom microfluidic chamber in a cohort of individual with type 1 

VWD, low VWF, and MCB.  

 Our cohort of individuals focused on patients presenting symptoms of 

mucocutaneous bleeding with and without low VWF levels. We have previously 

demonstrated that a collagen-coated MFA correlates with VWF levels in healthy 

controls31 and we sought to extend this analysis to individuals with bleeding symptoms 

with a specific focus on individuals with lower VWF levels. Although there remains 

controversy over the classification of patients with type 1 VWD versus low VWF levels, 

our categories are based on the most recent NHLBI guidelines and the observation that 

the majority of individuals with VWF levels <30 have mutations in the VWF gene, but 

the majority of individuals with VWF levels >40 do not.	35 In our cohort, the lack of 

statistically significant changes with collagen (1 µg/mL) and ADP (10 µM) induced 

aggregation suggests that our results are likely due to variability in VWF 

quantity/function as opposed to intrinsic platelet function. Collagen binding amongst 

those in the type 1 VWD, low VWF, and MCB cohorts was slightly lower than controls, 

similar to previous reports.14 Our data also demonstrated that individuals with type 1 

VWD had higher bleeding scores, consistent with previous studies.29  

 In terms of MFA-based metrics, we demonstrate that the lag time to 5% platelet 

surface area coverage, the platelet adhesion velocity of the linear portion of the platelet 

accumulation curve, and the maximum platelet surface area coverage are strongly 

correlated with VWF:Ag and VWF:RCo levels at shear rates of 750 s-1 and 1500 s-1. This, 

in conjunction with our earlier publication,31 suggests that a collagen-based MFA assay is 

sensitive to a wide range of VWF levels in individuals with MCB as well as healthy 

controls. There was no significant correlation at 150 s-1 suggesting that at this shear rate 

platelet accumulation is not strongly dependent on VWF levels. The strong correlative 

findings in our MFA are similar to that of the PFA-100, where PFA-100 closure time was 

also correlated to VWF:Ag and VWF:RCo levels. Future investigation of other shear 
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Figure 2.7: MFA-based metrics and PFA100 have discriminative power in identifying 

clinical cohorts of patients. The cohort is divided into four categories: Type I VWD 

(magenta circles), low VWF (aqua squares) and MCB (black triangles) and controls 

(yellow diamonds). MFA-based metrics are shown in panel A, PFA100 closure times in 

panel B. A Kruskal Wallis with Dunn’s post-test was performed to analyze differences 

between the categories. Statistical significance is shown with capped lines (* p<0.05, ** 

p<0.01, *** p<0.001). 

 

 

rates and/or prothrombotic surfaces may provide better differentiation between VWF 

quantity/function.  
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were not sensitive to changes in VWF:CB function. This implies that our assay more 

accurately reflects VWF function in its platelet binding function as opposed to its 

collagen binding function. This may be due to the relatively high amount of immobilized 

collagen used in this study.  

 MFA metrics did not correlate with bleeding scores. Recent studies by Ogiwara et 

al. and Nogami et al. used a microfluidic-based approach that monitored pressure 

gradients to assess thrombus formation and observed variations among individuals with 

different bleeding scores and differentiated high versus low bleeding scores based on 

their thrombus time in collagen/thromboplastin based devices; however this difference 

was only seen in individuals with VWF:RCo < 10.28,36 The correlation with bleeding 

scores in the Nogami study was primarily in a group of 25 individuals with VWF:RCo 

levels <10; in our study we were able to enroll only seven individuals that fit this criteria. 

The relatively small subgroup in our analysis likely limited finding statistical significance 

in this cohort. 

 From a categorical perspective, we investigated whether our MFA could reliably 

differentiate clinical subgroups. Both the platelet adhesion velocity and the maximum 

platelet adhesion at 750 s-1 and 1500 s-1 could discriminate type 1 VWD patients from the 

control and MCB cohorts; this is likely due to the significant correlation of these metrics 

to VWF levels. The discriminative power of the PFA-100 was similar; the PFA-100 was 

also able to correlate differentiate between low VWF and control cohorts. These data 

suggest that force dependent assays, and specifically a collagen-based MFA device, have 

both correlative and discriminative power in the estimation of VWF levels and the 

screening of VWD.  

 The MFA detected response to DDAVP therapy. We demonstrated that a MFA, 

requiring just 250 µL of blood, showed a universal response to therapy at 1500 s -1. Our 

results are consistent with previous reports that demonstrated that DDAVP can improve 

platelet adhesion, bleeding times, and PFA-100 closure time in patients with type 1 

VWD.27 Our data support the sensitivity of flow-based models to VWF function at high 

shear stresses and suggest the potential use of these assays to model therapeutic response. 

Additionally, we showed that improvement in VWF function following DDAVP was 

consistently determined only at high shear rates (1500s -1).  
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Figure 2.8: MFA-based metrics before and after DDAVP treatment in Patients with Low 

VWF and MCB. Immediately prior to and 1 hours post treatment plots show how the 

MFA responds to DDAVP treatment in patients with Low VWF (blue square), or MCB 

(black triangle). P-values are from Wilcoxon signed rank tests performed for each data 

type. 
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Previous investigations at low shear rates (50-350s-1) using collagen coated glass 

devices or denuded endothelium have demonstrated that there are minimal differences in 

platelet adhesion in VWD versus controls.22,24 At higher shear rates (>1000s-1), some 

investigations demonstrate minimal to no significant differences in collagen-based 

platelet adhesion in VWD,22,24 while other studies clearly demonstrated a force dependent 

decrease in platelet adhesion.27,37,38 Our data are consistent with previous observations at 

150 s-1 where there was no difference between clinical cohorts and no significant 

correlation with VWF levels, but at 750 s -1 and 1500 s-1 there was a clear decrease in 

platelet adhesion velocity and maximal platelet adhesion in type 1 VWD. We also 

investigated two additional cohorts, those with low VWF and those with mucocutaneous 

bleeding of unknown origin (MCB). A decrease in platelet adhesion at high shear rates 

was observed in individuals with low VWF, but not in individuals with MCB. This is 

likely due to the strong dependence of our MFA metrics on VWF levels.   

 There are several limitations of this study. Our MFA metrics were correlated with 

VWF levels across a broad range of values; however, our MFA metrics was not able to 

predict clinical subgroup for each patient.  Our cohort size potentially was too small to 

have sufficient statistical power to discriminate clinical subgroups and we specifically did 

not have many patients with VWF < 30, which was our inclusion criteria for type 1 

VWD. Many of our patients with MCB were enrolled based on their presenting 

complaint, however upon further standardized evaluation the severity of their bleeding 

varied significantly. From an assay perspective, the conditions for MFA-based assays are 

not optimized for linear sensitivity to VWF level and function, but we generally followed 

the recommendations of the International Society for Thrombosis and Hemostasis 

Subcommittee on Global Assay recommendations.10,39 Nevertheless, variations in channel 

cross-sectional area, height to width ratios, shear rates, anticoagulant, and collagen type 

can affect platelet adhesion. While our data are consistent with VWF having a strong 

effect on platelet adhesion, there are likely multiple other factors that affect in vitro and 

in vivo platelet adhesion including collagen and platelet receptor densities, hematocrit, 

and variations in coagulation factor levels. Finally, our post-acquisition analysis was 

based on a two-dimensional analysis of platelet surface area and may underestimate 



 40 

platelet deposition in the vertical plane; further study of thrombus volumes may provide 

additional details.  

 In summary, we demonstrate that in a cohort of individuals with 

VWD/mucocutaneous bleeding, a collagen-based MFA correlates with VWF levels 

across a wide spectrum of levels, appropriately groups patients with a diagnosis of type 1 

VWD, demonstrates shear-dependent abnormalities in low VWF, and accurately reflect 

the response of VWF levels to DDAVP. The relatively small sample size input of our 

assay (250 µL) and the strong ability to correlate with relevant hemostatic parameters and 

monitor response to therapeutic interventions suggest the potential utility of translating 

microfluidic-based technology to clinical situations.  
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Abstract 

 

In vitro assays of platelet function and coagulation are typically performed in the 

presence of an anticoagulant. The divalent cation chelator sodium citrate is among the 

most common because its effect on coagulation is reversible upon reintroduction of 

divalent cations. Adding divalent cations into citrated blood by batch mixing leads to 

platelet activation and initiation of coagulation after several minutes, thus limiting the 

time blood can be used before spontaneously clotting. In this work, we describe a 

herringbone microfluidic mixer to continuously introduce divalent cations into citrated 

blood. The mixing ratio, defined as the ratio of the volumetric flow rates of citrated blood 

and recalcification buffer, can be adjusted by changing the relative inlet pressures of 

these two solutions. This feature is useful in whole blood assays in order to account for 

differences in hematocrit, and thus viscosity. The recalcification process in the 

herringbone mixer does not activate platelets. The advantage of this continuous mixing 

approach is demonstrated in microfluidic vascular injury model in which platelets and 

fibrin accumulate on a collagen-tissue factor surface under flow. Continuous 

recalcification with the herringbone mixer allowed for flow assay times of up to 30 min, 

more than three times longer than the time achieved by batch recalcification. This 

continuous mixer allows for measurements of thrombus formation, remodeling, and 

fibrinolysis in vitro over time scales that are relevant to these physiological processes.  
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3.1 Introduction  

 

The formation of a blood clot is intimately tied to the local hemodynamics at the 

site of a vascular injury1. Platelet adhesion and aggregation, and von Willebrand factor 

function are shear stress dependent events.2,3 Platelet agonists, coagulation factors, and 

fibrin polymerization are subject to mass transfer limitations that regulate clot growth and 

structure.4-6 To study these biophysical phenomena, parallel plate, microfluidic, and 

microcapillary flow chambers—collectively referred to as flow assays—are often used to 

study the dynamics of clot formation typically over a time scale of 1–10 min.7-15 In these 

assays, whole blood is perfused over prothrombotic substrates that mimic components of 

the vessel wall including adhesive proteins such as collagen and initiators of coagulation, 

such as tissue factor (TF). Alternatively, microfluidic devices have been reported that 

miniaturize common clinical assays such as prothrombin time (PT) and activated partial 

thromboplastin time (aPTT) using plasma16  or whole blood.17-19 However, these devices 

do not impose the same mass transfer limitations that regulate coagulation in blood clots 

formed on vessel walls under flow.4,20  

A necessary compromise for removing blood from the body for all these assays is 

that blood is typically collected into anticoagulants which irrevocably alter platelet 

function and coagulation.21,22 The most common anticoagulant is sodium citrate because it 

can be partially reversed by mixing divalent cations, primarily calcium and magnesium, 

back into the blood. For microfluidic chambers, it is ideal to conduct this mixing on-chip 

in order to reduce blood volumes. However, in addition to the well-documented 

challenges of mixing in low Reynolds number flows,23-25 mixing with whole blood is 

further hindered by the low diffusivity of suspended blood cells. In this report, we 

describe a method for continuous on-chip recalcification of sodium citrate anticoagulated 

whole blood, hereafter referred to as citrated blood, for microfluidic flow assays.  

The method of mixing divalent cations into citrated whole blood ultimately limits flow 

assay duration. The simplest approach is batch mixing, which introduces a single bolus of 

divalent cations into the citrated blood prior to the assay.9 As soon as the divalent cations 

are added to the blood, platelets can activate and coagulation will initiate.26-28 Moreover, 

in batch mixing, the time from the addition of divalent cations to the time that blood 
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contacts the prothrombotic substrate in the flow assay varies over the duration of the 

assay. As such, platelets at the end of the assay may be partially activated and more likely 

to aggregate than at the beginning of the assay. One approach to extend flow assay 

duration is semi-batch mixing where aliquots of recalcified blood are introduced into a 

flow chamber so that the blood is recalcified for no longer than a few minutes.14 Another 

alternative is continuous mixing of divalent cations and citrated whole blood upstream of 

the prothrombotic substrate. For example, a tubing Y-junction placed upstream of the 

inlet of a flow chamber can be used to combine citrated whole blood and a solution of 

divalent cations at a user-defined volume ratio.11 An upstream mixing chamber with an 

incorporated stir bar can be used to mix agonist solutions, but could potentially activate 

platelets even without agonists29 and also requires large volumetric flow rates. These 

mixing strategies are suitable for larger flow chambers that use milliliters of blood where 

the dead volume in connectors, mixers, and tubing are not significant. However, on-chip 

mixing is preferable in microfluidic chambers that use microliters of blood where such 

dead volumes are prohibitive.  

Mixing in microfluidic devices poses several well-documented challenges24,25,30 

due to low Reynolds number flows and high Peclet numbers. For a solution or suspension 

to be well mixed, there must be no concentration gradients. Concentration gradients are 

eliminated by diffusion, which is slow relative to convection, scaling with the square root 

of time. Thus, to increase mixing speed, the diffusion length needs to be shortened. 

However, it is difficult to decrease the diffusion length in low Reynolds number flows in 

long channels with straight walls because flow is smooth and laminar. One on-chip 

mixing strategy is a sheath flow where two recalcification streams are brought in adjacent 

to either side of a stream of citrated blood.31 Another strategy is chaotic advective mixing, 

where the diffusion length becomes exponentially smaller by stretching and folding a 

fluid. Stroock et al. elegantly demonstrated this type of mixing by integrating staggered 

herringbone reliefs into one wall of a microfluidic channel.30 Mixing blood is further 

constrained by the fact that channel dimensions must be large enough to avoid altering 

the hematocrit (Fahreus effect), and the shear stresses must be small enough to avoid 

shear induced platelet activation.32 

In this report, we describe a herringbone mixer to continuously mix divalent cations and 
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citrated whole blood for measuring platelet function and coagulation in flow assays. We 

show that we can mix citrated blood and a recalcifying buffer at a user-defined mixing 

ratio without activating platelets. The utility of the mixer is demonstrated by prolonging 

the duration of flow assays from 7 min by batch mixing to 30 min by continuous mixing.  

3.2 Materials and Methods 

 A. Materials  

Human type I fibrillar collagen was from Chrono-Log Corp (Havertown, PA). 

Calcium chloride, sodium chloride, magnesium chloride, adenosine diphosphate (ADP), 

paraformaldehyde, and 3,3’-dihexyloxacarbocyanine iodide (DiOC6) were purchased 

from Sigma-Aldrich (St. Louis, MO). Tridecafluoro-1,1,2,2-tetrahydrooctyl) 

trichlorosilane was from Gelest (SIT8174.0, Morrisville, PA). One micrometer 

polystyrene beads (505/515) were from Life Technologies (Cat #F8765, Carlsbad, CA). 

Tubing (Tygon S-54-HL PVC Medical Tubing, 0.010” ID) was from Cole Parmer 

(Vernon Hills, IL). Polydimethylsiloxane (PDMS, Dow Corning Sylgard 184) was from 

Krayden (Westminster, CO). Sterile 0.1 µm filtered phosphate buffer saline (PBS) was 

from Hyclone (Logan, UT). The photoresist KMPR 1050 was from MicroChem (Newton, 

MA). Fluorescein isothiocyanate (FITC) anti-human PAC-1 (CD41/CD61) and 

Allophycocyanin (APC) anti-human CD62P were from BioLegend (Cat # 362803, 

#304910 San Diego, CA). Alexa 555 protein labeling kit was from Life Technologies 

(Carlsbad, CA) and was used according to the manufacturer’s instruction to label 

fibrinogen (1.4mg/ml). TF was purchased from Innovin (Siemens, Erlangen, Germany). 

HEPES buffered saline (HBS; 20 mM HEPES, 150 mM NaCl, pH 7.4), recalcification 

buffer (75 mM CaCl2, 37.5 mM MgCl2 in HBS), and bovine serum albumin buffer (BSA 

buffer; 2 mg/ml BSA in HBS) were made in-house.  

B. Device design and fabrication  

The mixing device consisted of a microfluidic channel (height = 50 µm and width 

= 1800 µm) with bas-relief herringbone structures (depth = 50 µm) in the top of the 

channel capable of inducing transverse flows within the microfluidic channel (Fig. 

3.1(a)).  
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Figure 3.1: Schematic of mixing device set up for recalcification. (a) Inlet 1 is used for 

blood and inlet 2 is used for recalcification buffer. The difference in heights of the inlet 

reservoirs dictates the difference in head pressure (P1—P2) that controls the flow rate 

ratio. (b) Resistor network analogy for hydraulic circuit analysis of the mixing device. 

 

The herringbone grooves were 50 µm wide and 50 µm tall and alternating 250 µm 

and 150 µm long, pitched at 45° from the direction of flow and 90° from each other. The 

herringbone pattern was 600 µm in width and three repeats stacked together extended the 

width of the channel. The groove structures were spaced 50 µm apart, and sets of five 

were mirrored and offset by 30 µm. A total of twelve structures spanned the length of the 

3 cm long channel. The device has two inlets: inlet 1 for the blood and inlet 2 for the 

recalcification buffer. Inlet 1 splits into two parallel microfluidic channels that are 500 

µm wide, 50 µm tall, and each 16.5 mm long that join the channel from inlet 2 at node B 

(Fig. 3.1(b)). Inlet 2 connects to a microfluidic channel that is 50 µm wide, 50 µm tall, 
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and 13.4 mm long. These channels define inlet resistances R1, R2, R3, and R4, as shown 

in Fig. 3.1(b). A vacuum chamber surrounds the channels to aid in the removal of bubbles 

during priming of the chamber with buffer. Hydraulic circuit analysis33 was used to 

determine the difference in head pressures needed for a given dilution ratio (Fig. 3.1(b)). 

The device was sealed to a glass slide via plasma-assisted bonding. The device master 

was fabricated using the photoresist KMPR 1050. A first layer of the photoresist was 

spun on a silicon wafer (3000 RPM), soft-baked at 100 °C for 15min, and subsequently 

exposed to UV light (1000 mJ/cm2) through a Mylar mask that defined the channel 

pattern. This wafer was then hard- baked at 100 °C for 3min before a second layer of 

photoresist was spun at 3000 RPM. The second layer was exposed (1000 mJ/cm2) to a 

pattern consisting of the herringbone groove pattern aligned to the bottom layer. The 

wafer was hard baked at 100 °C for 3min and then developed in 2.38% 

tetramethylammonium hydroxide (AZ 300 MIF). The height of each layer was 48–52 

µm. The master was treated with (tridecafluoro-1,1,2,2-tetrahydrooctyl) trichlorosilane 

under vacuum for 4h. Polydimethylsiloxane was poured on the wafer at a 10:1 ratio of 

base to catalyst and the wafer was cured in a convection oven for 4 h at 60 °C. The mold 

was peeled and inlet and outlet holes (0.75mm) and a vacuum hole (1.5mm) were defined 

with a biopsy punch (World Precision Instruments, Sarasota, FL, Cat #504529; Ted Pella, 

Redding, CA, Cat #15110-15).  

C. Device operation  

Two operating modes were used to characterize the performance of the mixer. In 

pull mode (Fig. 3.2(a)), two fluid reservoirs were connected to inlets 1 and 2 of the mixer 

with tubing (20 cm, Tygon S-54-HL PVC Medical Tubing, 0.01” ID, Cat #EW-06419-

00). The outlet of the mixer was connected to the flow device by 75 cm of tubing. The 

flow device consists of microfluidic channels running parallel to a micropatterned strip of 

a prothrombotic substrate (described in Sec. 3.2H). The flow device was connected to a 

1ml Hamilton Gastight syringe (#81320) on a syringe pump by 20 cm of tubing. The 

syringe pump then controls the total fluid flow rate by pulling the solutions through the 

mixer and flow device. The mixing ratio was con- trolled by the relative heights of the 

reservoirs. In push mode (Fig. 3.2(b)), two syringes with different solutions were placed 
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on a single syringe pump and connected to the mixer with 20 cm of tubing. The mixer 

was connected to the flow device and the outlet of the flow device was connected to a 

waste or sample collection tube. In this mode, the syringe pump controlled the flow rates 

and the mixing ratio was controlled by the ratio of cross sectional areas of the syringes 

used for the perfusion. For a 10:1 mixing ratio, we used 1ml (ID = 4.61mm) and 100 µl 

(# 81020, ID = 1.46 mm) Hamilton Gastight syringes in conjunction.  

 

 

Figure 3.2: Schematic of the two modes of device operation. (a) Pull-mode. Reservoirs 

are connected to the inlets of the mixer. The mixer is connected to the flow device, and 

the flow device is connected to a syringe on a syringe pump. The syringe pulls the fluids 

through at a set combined flow rate. (b) Push-mode. Syringes on a syringe pump are 

connected to the mixer inlets. The mixer is connected to a flow device, and the flow 

device is connected to waste collection.  

D. Blood collection and labeling  

Blood was collected from healthy donors by venipuncture into 4.5 ml vacutainer 

tubes containing 3.2% sodium citrate. Phlebotomy was conducted in accordance with the 

Declaration of Helsinki and the Institutional Review Board of the University of Colorado, 

Boulder. Donors had neither consumed alcohol within 48 h prior to the draw nor had they 

taken any prescription or over-the-counter drugs within the previous 10 days, excluding 

oral contraception. The first tube of blood collected was discarded to eliminate any 

activated platelets due to venipuncture. Hematocrit was measured with a CritSpin 

(Beckman Coulter, Brea, CA) following the manufacturer’s instructions. For each flow 

A

B
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assay, 1 ml whole blood was aliquoted into 1.5 ml centrifuge tubes containing 1 µl of the 

DiOC6 (final concentration 1 µM) and 40 µl of the labeled fibrinogen (final 

concentration 56 µg/ml). The aliquots were placed in a 37 °C water bath for 15 min to 

resensitize platelets.11  

 

E. Measurement of platelet activation by flow cytometry  

Platelet activation measurements were performed using the mixer in push mode 

(Fig. 3.2(b)). One milliliter and 100 µl Hamilton Gastight syringes were filled with 

citrated whole blood and recalcification solution, respectively, and connected to the 

mixer inlets 1 and 2. The mixture was perfused at a blood flow rate of 8.9 µl/min and 

recalcification buffer flow rate of 0.89 µl/ min. The outlet was collected into 300 µl of 

PBS every 10 min. The samples were centrifuged at 200 g for 5 min. The top fraction of 

platelet rich plasma (PRP) was collected and placed into a 1.5 ml microcentrifuge tube. 

The sample was then fixed with 0.5% paraformaldehyde. Antihuman PAC-1 antibody (5 

µl, FITC) or CD62P antibody (5 µl, APC) was added and incubated in the dark overnight 

at 4 °C. Samples were diluted to a final volume of 1ml and analyzed via flow cytometry 

(Guava EasyCyte, Merck, Darmstadt, Germany). For the positive and negative controls, 

15 µl of whole blood was diluted into 300 µl of PBS and centrifuged at 200 g for 5 min. 

The resultant PRP was pipetted into a 1.5 ml microcentrifuge tube. As a positive control 

for platelet activation, 10 µl human α-thrombin (final concentration 0.3 µM) or 30 µl 

ADP (final concentration 50 µM) was added to the PRP, followed by a 2 (PAC-1) or 60 

(CD62P) min incubation without agitation. The sample was fixed with 0.5% 

paraformaldehyde. For the negative control, no thrombin or ADP was added. PAC-1 or 

CD62P was used to label activated platelets as described above. The controls were then 

diluted to a final volume of 1 ml prior to testing. The platelet population was gated based 

on the forward-side scatter to discriminate platelets from leukocytes and erythrocytes. 

Platelet activation was reported as the fraction of PAC- 1 and CD62P positive platelets.34  

 

F. Quantification of mixing  

A suspension of 1 µm polystyrene beads (0.2 wt. %, inlet 1) and PBS (inlet 2) 

were perfused through the mixer device in the presence and in the absence of herringbone 
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grooves in pull mode (Fig. 3.2(a)). These two solutions were perfused at total volumetric 

flow rates of 1.2, 8.9, and 30 µl/min with a 9:1 (bead suspension:PBS) ratio. Images of 

the beads (Olympus IX- 81, 2X NA = 0.06, ex/em 490/510) were taken along the mixer 

every 1.5mm. Mixing was quantified by measuring the standard deviation of the 

fluorescent intensity across the image of the channel using ImageJ software35 and 

normalizing by the standard deviation at the beginning of the mixer. Mixing with whole 

blood and recalcification buffer was visualized with brightfield images taken at nodes B 

and C (Fig. 3.1(b)) as well as at the location of the collagen-TF strip in the flow device 

channel.  

 

G. Control of mixing ratio  

To quantify the mixing ratio, the mixer was run in pull mode (Fig. 3.2(a)). A 

reservoir of 30% glycerol mixed with food dye was used to mimic the bulk viscosity of 

whole blood (3–4 cP at room temperature) and connected to inlet 1. Glycerol was used 

instead of blood in order to avoid trace amounts of excess calcium or sodium citrate from 

the blood draw interfering with the calcium ion measurements. Recalcification buffer was 

connected to the inlet 2. A 1 ml syringe was connected to the outlet of a mixer and was 

used to pull and collect the solutions at a total flow rate of 8.9 µl/min. The recalcification 

buffer reservoir was maintained at a height of 8 cm and the height of the glycerol solution 

was adjusted to vary the width of the recalcification stream, which was measured by 

bright field microscopy just prior to the first relief structure. 900 µl of the effluent was 

collected at the outlet and added to 19.1 ml of deionized water (18.2 MΩ). The calcium 

concentration of the diluted effluent was measured using a Vernier Calcium Probe (cat# 

CA-BTA, Beaverton, OR). This concentration was used to calculate the dilution ratio of 

the calcium ions from the solution introduced through inlet 2.  

 

H. Whole blood flow assay  

Type I fibrillar collagen (500 µg/ml) and TF (3.68 nM) were patterned on a clean 

glass slide by filling a microfluidic channel (w = 150 µm, h = 50 µm) with the solution 

and allowing it to incubate on the surface for 45min.36,37 The patterning device was peeled 

off along the axis of the channel and the surface gently rinsed with deionized water (18.2 
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MΩ cm). The pattern was stored at 4 °C and used within 24 h. The flow assay device 

consisted of three parallel microfluidic channels (w = 500 µm, h = 50 µm) with separate 

inlets and outlets and vacuum bonded to the slide containing the collagen-TF strip.9 The 

mixer was oxygen plasma bonded to a clean glass slide at least 24 h prior to use to allow 

for complete bonding.38 A 5ml reservoir of 2% BSA buffer was connected to inlet 1 of 

the mixer with 20 cm of tubing. A 3 ml reservoir of recalcification buffer was connected 

to inlet 2 of the mixing device with 20 cm of tubing. The BSA reservoir and 

recalcification buffer reservoir were placed 18 cm and 10 cm above the mixing device, 

respectively. The outlet of the mixer was connected to the flow assay device with 75 cm 

of tubing (0.256 mm ID). The outlet of the flow assay device was connected to a 1 ml 

syringe, and the solutions were withdrawn at 1 µl/min for at 45min prior in order to block 

non-specific protein adhesion. If air bubbles formed during filling, a vacuum pump could 

be connected to the mixer via tubing (0.512mm ID). The vacuum accelerated removal of 

bubbles. The BSA solution was replaced with the labeled citrated whole blood and a total 

flow rate of 8.9 µl/min was withdrawn, corresponding to an initial wall shear rate of 750 

s-1 in the flow assay channel. Platelet and fibrin accumulation were captured by relief 

contrast microscopy and epifluorescence microscopy (Olympus IX81, 20X NA = 0.45, 

ex/em 475/505, 545/580) at 10 frames/min. The blood in the reservoir was mixed via 

gentle aspiration with a transfer pipette every 10 min to prevent RBC settling. Blood was 

used within 90 min of phlebotomy. Flow assays using batch recalcification were also 

performed; a 900 µl aliquot of whole blood was mixed with 100 µl of the recalcification 

buffer immediately prior to perfusion through the flow assay device.  

 

I. Measurements of accumulation of fibrinogen and platelets in the mixer  

The mixer was set up in identical fashion to the Whole Blood Flow Assay (Sec. 

3.2H) except the outlet was connected directly to syringe pump instead of to a flow assay 

device. Citrated whole blood and recalcification buffer were withdrawn at 8.9 µl/min at a 

1:10 dilution ratio. Platelet and fibrin accumulation were captured by relief contrast 

microscopy and epifluorescence microscopy, respectively, at 1 frame/min at six locations 

in the mixer for 30min. After 30 min. the whole blood was replaced with 2% 

paraformaldehyde in HBS and the mixer was inspected for platelet accumulation.  
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J. Data analysis  

Flow cytometry data was gated with FlowJo software (v.10, FlowJo LLC, 

Ashland, OR). Statistical significance at a significance level of α = 0.05 for the platelet 

activation was tested with one-way analysis of variance (ANOVA) followed by Tukey’s 

post-test for flow cytometry data. Image analysis for the bead mixing was performed with 

ImageJ software by selecting a line perpendicular to the direction of flow and spanning 

the width of the channel after every groove set. The standard deviation of the fluorescent 

intensity of the line is taken to be an indicator of mixing. The standard deviation was 

normalized by the initial standard deviation of the unmixed solutions to define a mixing 

index (MI)  

!" =  
!! − µ

!

!!!

!!,! − µ!
!

!!!

                  (!" 3.1) 

where xi is the fluorescent intensity of the individual pixel along the line; µ is the mean 

fluorescent intensity of the line; N is the total number of pixels; and xi,0, and µ0 

designating the measurement of the premixed condition. Image analysis of the whole 

blood flow assays was performed with ImageJ software by measuring the integrated 

fluorescent signal of the field-of-view for each frame and was expressed in integrated 

fluorescent units (IFU). Relief contrast images from the flow assays were analyzed using 

a custom Sobel-based MATLAB image edge finding routine.7 This routine measures the 

area fraction occupied by platelets on the collagen strip. The lag time for each flow assay 

was defined as the time to reach 5% surface coverage as measured by the relief 

contrast.7,9 The growth rate was defined as the slope of the linear growth regime. Image 

analysis for the protein and platelet accumulation was performed using ImageJ software. 

The average fluorescence intensity of each time point was normalized by the t = 0 min 

time point.  

3.3 Results and Discussion 

A. Quantification of mixing  

For the purposes of recalcification of citrated whole blood, a mixer needs (i) to 
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homogenize the suspension (blood) and the solution (divalent cations) and (ii) to provide 

a user-defined mixing ratio. The homogenization criterion was measured with 

suspensions of model particles (1 µm polystyrene) and whole blood (Eq. (3.1)). In the 

experiments, the suspension was introduced through inlet 1 and a buffer solution through 

inlet 2. Fig. 3.3(a) shows how distinct the two streams appear when brought together at 

node B and how they became dispersed by the end of the mixer. At a flow rate of 8.9 

µl/min, the bead suspension was mixed 10 mm downstream of the first herringbone 

feature (Fig. 3.3(d)). Without herringbone groves, little mixing occurred (Fig. 3.3(b)). 

Experiments with whole blood and buffer showed similar behavior (Fig. 3.3(c)). Similar 

mixing was observed at the end of the mixer at flow rates 1.2 to 30 µl/min, which yields a 

range of wall shear rates in the flow chamber representative of venous to arterial blood 

vessels. When the reservoirs feeding into the inlet were open to the atmosphere, which 

was the case for pull mode (Fig. 3.2(a)), the relative flow rates of the two solutions were 

determined by the hydraulic resistance in the tubing and channel leading up to the mixing 

channel and their inlet pressures. A challenge with using whole blood in pull mode (A) is 

that the hematocrit, and thus the viscosity, of blood varies between donors. While the 

average hematocrit of donors (n =10) in this study was 0.45, the values ranged from 

0.38–0.54, corresponding to a range of relative viscosities of 1.5–2.2.39,40 In order to 

accommodate differences in viscosities while keeping the mixing ratio constant, we 

changed the relative heights of the reservoirs. To monitor the mixing ratio, the width of 

the recalcification buffer stream, Wc, was measured at the inlet (Fig. 3.3(c)) and the 

relative height of the two reservoirs was changed to give the desired width. We defined 

the dilution ratio as the width of the solution introduced through inlet 2 (recalcification 

buffer) to the total channel width (1800 µm), which corresponds to the flow rate ratio 

!"#$%!"# !"#$% =  
!"

!"
=
!"

!"
          (!". 3.2) 

where Qc is the volumetric flow rate of the recalcification buffer, Qt is the total flow rate, 

Wc is the width of the recalcification buffer, and Wt is the total width of the channel. 
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Figure 3.3. Quantification of mixing. The mixing of a suspension of 0.2 wt. % fluorescent 

1 µm beads with PBS at node B (left) and node C (right) of a device with (a) and without 

(b) herringbone features. Scale bar = 0.5 mm. (c) The mixing of citrated blood and 

recalcification buffer at node B (left) and node C (right) of a device with herringbone 

features. The width of the recalcification stream is Wc. Scale bar = 100 µm. (d) Mixing 

index measured along the mixing device with and without the herringbone grooves for 

the mixing of 1 µm beads with PBS (n = 3, error bars = standard deviation).  

 

.  
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Fig. 3.4 shows how the dilution ratio can be adjusted by manipulating the relative height 

of the recalcification buffer reservoir, and thus the stream width of the recalcification 

(Wc). Here, the device was run in pull mode (A) with a reservoir of 30% glycerol and 

food dye in HBS (used as a blood mimic) attached to inlet 1 and recalcification buffer to 

inlet 2. The measured calcium concentration of the samples was in good agreement with 

Eq. (3.2). Accordingly, for whole blood flow assays, the reservoirs were adjusted to give 

a dilution ratio of 0.1, which corresponds to a recalcification buffer stream width, Wc, of 

165 µm.  

 

 

Figure 3.4. Correlation between dilution ratio and stream width ratio. Experimentally 

measured stream width ratio (Wc/Wt) plotted against the dilution ratio (Qc/Qt) measured 

calcium concentration at the outlet, normalized to the inlet calcium ion concentration in 

Inlet 2. Without slip and both streams flowing, Eq. 3.2 predicts that the width ratio is the 

volumetric flow ratio. Error bars represent standard deviation (n = 3).  

 

The calculation of the head pressure difference needed for a given dilution ratio 

for pull mode (A) is based off hydraulic circuit analysis to determine channel resistance 

under pressure driven flow.33 The resistance of channels with a rectangular cross section 

was calculated by: 
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Resistance from the tubing connection was calculated from the Hagen-Poiseuille 

relationship: 

!!"#$%& =
128µ!

!!!
       (!". 3.4) 

Solving the hydraulic circuit (Fig. 3.1(b)) for the difference in pressure of the two inlets 

yields 

!1 − !2 = !"× 1 −
!"

!"
× !1 + 0.5!3 −

!"

!"
×!2     (!". 3.5) 

where P1and P2 are the inlet pressures, Qt is the total flow rate, Qc/Qt the dilution ratio, 

and R1, R2, and R3 are the resistances shown in Fig. 3.1(b). For example, a blood 

viscosity of 4 cP and a 1:10 dilution ratio needs a 9.1 cmH2O difference in height 

between the reservoirs. If the recalcification buffer reservoir connected to inlet 2 were set 

to 10cm H2O, the reservoir con- taining blood would need a head pressure of 19.1cm 

H2O, or 18cm of blood using a whole blood specific gravity of 1.06. The blood reservoir 

in our whole blood assay experiment was therefore initially set at 18 cm above the mixer.  

B. Platelets are neither activated nor accumulated in the mixer  

A marker of platelet activation is a shift in the integrin αIIbβ3 receptor to its high 

affinity state.41 The PAC-1 antibody we used selectively binds to an epitope near the 

fibrinogen binding site on αIIbβ3 in its high affinity state.42 Alternatively, surface 

expression of P-selectin (CD62P) is a marker of platelet activation.42,43  

The mixer was operated in push mode (B) to allow for collection of whole blood 

emanating from the mixer with no prothrombotic substrate. The flow rate of citrated 

whole blood was 8.9 µl/min, and the flow rate of the recalcification buffer was 0.89 

µl/min. The mixer was run continuously for 30min, and PAC-1 binding and anti-CD62P 

was measured at different time points (Fig. 3.5). The percent of PAC-1 positive platelets 

in the effluent recalcified whole blood was comparable to the unactivated controls and is 

significantly less than platelets activated by 0.3 µM α-thrombin. The percent of collected 

CD62P positive platelets was also comparable to the unactivated control. Based on the 
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channel dimensions and flow rates, platelets experience shear stresses of around 10 

dyn/cm2 with an average residence time of 20 s in the mixer. This shear stress and time is 

less than the 83 dyn/cm2 known to cause shear induced platelet activation over 180 s.32 

 

Figure 3.5. Measurement of platelet activation in the mixer. (a) Gating of representative 

flow cytometry samples for platelet activation measurements. Bars represent the two 

populations of platelets, unactivated on the left, and activated on the right as measured 

PAC-1 binding. (b) Platelet activation for the activated control (0.3 µM α-thrombin), 

unactivated controls (no agonist), and from whole blood collected from the outlet of the 

flow assay device at various time points. Bars show the mean and the error bars show 

standard deviation (n = 5). Only the activated control (*) is significantly different (p < 

0.05) from the samples.  

 

Direct observation of the mixer under operating conditions found one stagnation 

point, in inlet 1 where the streams split. No platelet buildup or fibrinogen accumulation 

was observed at the stagnation point over 30 min. The herringbone grooves and corners 

induced zones of low flow, but no stagnation points were observed. There is a negligible 

accumulation of labeled fibrinogen based on fluorescence intensity over the 30 min. 

There was an increase in the mitochondrial membrane dye DiOC6. However, this 

increase was likely due to free dye absorbing into the PDMS as brightfield images 

confirmed no platelet accumulation in the device.  

A B
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C. Whole blood flow assay using herringbone mixer for recalcification  

Flow assays using batch and continuous recalcification were performed over a 

collagen-TF surface at a wall shear rate of 750 s-1 in the flow device. Final calcium and 

magnesium ion concentrations of 7.5 mM and 3.8 mM were used to match physiological 

levels.11 Using batch recalcification, platelet aggregates were observed to emanate 

upstream of the collagen-TF strip after 5min and the channel was almost occluded by 

8min. The accumulation of platelets at later times was mostly from deposition of 

preformed platelet aggregates. This observation is reflected in the rapid accumulation in 

platelet and fibrin at 5.5 min (Fig. 3.6). In contrast, continuous recalcification in the 

mixing device led to gradual accumulation of platelet and fibrin up to 30 min (Fig. 3.6). 

 

 

Figure 3.6. Batch mixing versus continuous mixing in whole blood flow assay. (a) 

Images of a flow assay on a fibrillar collagen and TF surface taken at 10, 20, and 30 min 

and a wall shear rate of 750 s-1 using relief contrast and epifluorescence. Scale bar = 100 

µm. (b) Representative platelet (top) and fibrin (bottom) accumulation for batch 

recalcification, recalcification through the mixer, and dilution with HBS buffer (no 

divalent cations) through the mixer.  

There was no evidence of upstream platelet aggregation using the mixer. When 

the recalcification buffer was replaced with HBS, platelets still adhered, but did not 

aggregate and no fibrin formed as expected in the absence of physiological 

concentrations of divalent cations (Figure 3.7). 
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Figure 3.7: HBS without Calcium Flow Assay Series. Images of a platelet flow assay 

without recalcification on a fibrillar collagen and TF surface taken at 10, 20, and 30 min 

using relief contrast and epifluorescence. At 10 min there is strong platelet adhesion but 

no fibrin formation. At 20 min the platelets cover nearly the entire collagen surface yet 

there is no fibrin formation evident. At 30 min, platelets have built up densely on the 

surface, but no fibrin was formed. Scale bar = 100 µm. 

 

The lag time to 5% surface coverage was 44 ± 4 s for batch recalcification, and 

110 ± 70 s and 140 ± 26 s for continuous mixing with recalcification buffer and HBS, 

respectively. This lag time is likely related to the time needed for von Willebrand Factor 

to adsorb onto collagen.9 The growth rate up to 5 min was similar for all three methods; 

2.15 ± 0.79 × 10-3 s-1, 2.14 ± 0.75 × 10-3 s-1, and 1.54 ± 0.09 × 10-3 s-1 for the batch 

mixing, continuous mixing with recalcification buffer, and continuous mixing with HBS. 

However, after 5 min the batch mixing led to rapid growth, the continuous mixing with 

recalcification buffer led to steady, sustained growth for up to 30 min; and growth ceased 

with continuous mixing with HBS following an initial layer of platelet adhesion to the 

surface.  



62 	

Flow assays that use citrated whole blood are typically run for 3–10 min.6,9 As 

evidenced in our batch recalcification experiments, premature platelet activation and 

aggregation can limit the duration of this mixing approach. Indeed, even if the assay is 

terminated early prior to occlusion or the rapid thrombus growth phase, batch 

recalcification might induce artifacts in platelet accumulation. Continuous recalcification 

through the mixer allows for steady thrombus growth that extends up to at least 30 min. 

Longer assay times may be feasible, but we limited experiments to 30 min because this is 

the time when the clot came close to occluding the channel.  

3.4 Conclusion  

The herringbone mixer described in this report enables the continuous recalcification of 

citrated whole blood. Platelets are not activated upon perfusion through the mixer, and 

platelet adhesion and fibrin deposition steadily accumulate on a prothrombotic surface of 

collagen and TF. Compared to batch recalcification methods, we have tripled the time we 

can run a coagulation assay. This prolonged duration facilitates the investigation of 

phenomena such as fibrinolysis and thrombus remodeling that occur over longer time 

scales. Since the mixer is an independent device, it can be connected to the variety of 

commercial and custom flow chambers currently used in flow assay studies.  
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CHAPTER 4 

ELEVATED HEMATOCRIT ENHANCES PLATELET ACCUMULATION 

FOLLOWING VASCULAR INJURY 

Adapted from a paper published in Blood to highlight my contribution 

Walton BL, Lehmann M, Skorczewski T, et al. Elevated hematocrit enhances platelet 

accumulation following vascular injury. Blood (2017) 

4.1 Introduction 

A growing body of evidence suggests red blood cells (RBCs) may contribute to 

both arterial1-3 and venous thrombosis.4,5 There may be numerous mechanisms involved 

in this contribution. Biochemically, it is well established that RBCs can express 

phosphatidylserine on their outer membrane, which can induce thrombin formation.6-9 

RBCs have also been shown to enhance platelet αIIbβ3 activation and P-selectin exposure 

in response to agonists (eg, collagen, thrombin).10,11 From a biophysical perspective, when 

flowing through a vessel, RBCs will enrich platelets in the near wall region by a process 

termed margination.12 Platelets are marginated at higher rates for increasing shear stress13 

and increasing hematocrit (HCT).14,15 In order to determine the mechanisms of how the 

relationship between increased HCT and thrombosis might be causal or merely 

correlative (eg: increased HCT is often found in smokers, a known thrombotic risk 

factor)16,17 in vivo, we engaged in a systems biology collaboration to investigate the effect 

of increased HCT in murine, in silico, and in vitro systems. In this chapter, we used an 

arterial model of thrombosis wherein we perfused whole blood at two HCT levels over a 

collagen surface. In the mouse model, the time to carotid artery occlusion and the clotting 

time following tail transection were both reduced. An increase in platelet accumulation is 

seen in vitro and in silico. The time a platelet spends in contact with a thrombus also 

increased at higher HCT. Ex vivo experiments showed that while RBCs could increase 

thrombin generation, this effect was only seen for low or null platelet counts. Taken 

together, these results suggest that the prothrombotic effect of HCT is associated with an 

increased frequency of platelet thrombus interactions, leading to accelerated platelet 

accumulation and more rapid thrombus growth. 
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4.2 Materials and Methods 

Fibrillar collagen (500 µg/mL) was patterned in 200-mm spots onto clean glass, 

as described.18 Human whole blood was separated into PRP and an RBC rich fraction by 

centrifugation at 200g for 20 minutes and reconstituted to 45% and 60% hematocrits. 

Reconstituted aliquots were labeled with 3,3’- dihexyloxacarbocyanine iodide (DiOC6) 

and Alexa Fluor 555-labeled fibrinogen (1 µM and 56 µg/mL final concentrations, 

respectively) at 37°C for 15 minutes. Labeled blood was recalcified with buffer (75 mM 

CaCl2 and 37 mM MgCl2 in HEPES-buffered saline, 9:1 flow rate ratio) using the 

continuous microfluidic mixer from Chapter 319 upstream of a custom 

polydimethylsiloxane flow chamber (height, 51 µm; width, 500 µm), and perfused over 

collagen at 750 s-1 for 15 minutes. Final hematocrits were 41% and 54%. Total thrombus 

size, fibrin formation, and platelet accumulation were captured by relief contrast and 

epifluorescence microscopy (Olympus IX81, numerical aperture = 0.45, 

lexcitation/lemission 475/505, 545/580, at 6 frames per minute). Thrombus area fraction, 

fibrin formation, and platelet accumulation were measured as described in Chapter 3.19 

4.3 Results 

 

We used an in vitro microfluidic model to visualize and measure thrombus growth 

on 200-mm collagen spots at an arterial shear rate (750 s-1). Elevated hematocrit 

significantly accelerated thrombus growth (Figure 4.1A-B), exposing a direct, 

prothrombotic effect of increased hematocrit on thrombus formation. The sensitivity of 

these in vitro experiments to very early thrombus formation also revealed a small, but 

significant, shortening of the lag time to thrombus initiation. There was no measurable 

effect of hematocrit on fibrin deposition (data not shown). Notably, Figure 4.1C 

illustrates a moderate, although significant, effect of hematocrit on the rate of platelet 

accumulation in the thrombus.  
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Figure 4.1: Elevated hematocrit increases the rate of platelet accumulation on collagen at 

an arterial shear rate. Reconstituted whole blood was perfused over type I collagen at 750 

s-1. (A) Representative images of thrombus surface coverage and platelet fluorescence 1.5 

min after initiation of flow. Scale bar indicates 50 μm. (B) Average thrombus area 

(normalized to collagen spot area as fractional surface coverage) and individual thrombus 

lag times and rates for all experiments. (C) Average platelet accumulation (integrated 

fluorescence intensity units [IFU] of DiOC6-labeled platelets) and individual platelet lag 

times and rates for all experiments. N=7 independent donors per condition. Values show 

mean±SD for 41% (open circles) and 54% (closed circles) hematocrit. Lines indicate 

paired data for individual blood donors. 

4.4 Discussion 

 The effects of RBCs on thrombosis are difficult to assess in vivo because humans 

and mice with elevated HCT typically have coexisting pathologies. The new in vivo 

model used in this study involved transfusing red blood cells into healthy mice. 

Compared to controls, mice with elevated HCT (RBCHIGH) had shorter times to occlusion 

when subjected to FeCl3 injury (Figure 4.2A). The thrombus formation rate was 

significantly faster for the RBCHIGH mice (Figure 4.2C), mirroring the flow assay data 

(Figure 4.1B right). In a second injury type, mice were subjected to a tail transection. 

Here the control mice already had a rapid clotting time (88 seconds), so heparin was used 
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to increase this time. In a subtle but significant effect, the RBCHIGH mice had reduced 

clotting times compared to controls (Figure 4.2D). 

 

 

Figure 4.2. Compared to control mice, RBCHIGH mice have a shortened time to vessel 

occlusion. (A- D) Control and RBCHIGH mice were subjected to FeCl3-induced carotid 

artery thrombosis. (A) Time to vessel occlusion. When vessels did not occlude, time to 

occlusion was recorded as 20 min (3 control mice). (B) Onset and (C) rate of thrombus 

formation in control (un-infused) and RBCHIGH 
mice. (D) Control and RBCHIGH 

mice were 

treated with saline (baseline) or heparin and then subjected to tail transection. Each dot or 

box is a separate mouse, boxes with stars represent mice that did not form clots. Lines 

indicate median values, Wilcoxon 1-tailed comparison.  

 

An in silico model of arterial thrombosis was also used to study the effect of 

hematocrit on thrombus formation. In contrast to previous computational studies of 

platelet margination in long straight tubes (no entrance length),20-24 this model included 

the perturbation of blood flow of the growing thrombus. The RBC depleted and platelet 

rich zone near the wall was narrower for a 60% HCT than for a 40% HCT both over the 



	 71 

wall and over the thrombus(Figure 4.3C-D). This effect is consistent with the small 

decrease of the thrombus lag time seen in vitro. Crucially, the thrombi in this model are 

porous like the thrombi found in vivo.25 The interstitial flow permitted by the porosity 

increased with hematocrit, and allowed for platelets to be in close proximity to the 

thrombus for longer contact times (Figure 4.3E-H). In the simulation, an increase in HCT 

from 0.4 to 0.47 (as seen in the in in vivo experiments) resulted in a 58% increase in 

platelet-thrombus contact time. This value agrees well with the increase in in vivo 

thrombus growth rate of 67%. 

RBCs can support thrombin generation, 9,26-28 and so the observation that elevated 

hematocrit did not increase circulating thrombin-antithrombin complex in the mice was 

somewhat surprising. However, the dependence of arterial thrombosis on platelet 

function 29 and scarcity of RBCs in the thrombus (Figure 4.1A) suggest 

phosphatidylserine expressed by normal RBCs does not substantively augment local 

thrombin generation during arterial thrombosis. Platelets are the dominate factor in local 

thrombin generation when present. 

Effects of elevated hematocrit on platelet accumulation in our microfluidic assays 

were significant but moderate, consistent with the moderately increased risk observed in 

epidemiologic studies.1,2 Notably, the premise that elevated hematocrit promotes 

thrombosis via platelet-dependent mechanisms is consistent with clinical findings that 

platelet antagonism reduces cardiovascular death, nonfatal myocardial infarction (heart 

attack), and stroke in patients with polycythemia vera, a bone marrow disorder leading to 

an increase in RBC production.30 Thus, the data in this chapter may provide rationale for 

the efficacy of platelet inhibition strategies in patients with elevated hematocrit and 

increased thrombosis risk.  
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Figure 4.3 A computational model suggests elevated hematocrit increases the time that 

platelets spend in proximity to a thrombus. Simulations of whole blood flow with 40% 

(A, C, E, G) and 60% (B, D, F, H) hematocrit were conducted. (A-B) Snapshots showing 

instantaneous positions of RBCs (red) and platelets (black) for (A) 40% and (B) 60% 

hematocrit in flowing blood indicate RBCs are less prevalent close to vessel walls and 

platelets are more prevalent in this near-wall RBC-depleted zone. (C-D) Time-average 

RBC distribution for flow past a small thrombus (filled circles) in (C) 40% and (D) 60% 

hematocrit. The near-wall depleted zone is narrower in higher hematocrit. Scale indicates 

relative RBC distribution. (E-H) Time-dependent progression (2-msec intervals) of an 

individual platelet (blue) over a small or large thrombus (black circles): (E) 40% 

hematocrit, small thrombus, (F) 60% hematocrit, small thrombus, (G) 40% hematocrit, 

large thrombus, (H) 60% hematocrit, large thrombus. For both the small and large 

thrombus, the platelet spends substantially more time near the thrombus for 60% 

hematocrit than for 40% hematocrit. Bars indicate 10 μm.	
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Abstract 

 

Objective. To measure the role of platelets and red blood cells (RBC) on thrombus propagation 

in an in vitro model of venous valvular stasis.   

 

Approach and Results. A microfluidic model with dimensional and dynamic similarity to human 

venous valves consists of a sinus distal to a sudden expansion, where for sufficiently high flow 

velocities, two countercurrent vortices arise due to flow separation. Tissue factor (TF) 

immobilized in the valve pocket was used to initiate thrombus formation. A fibrin gel forms at 

early times (~5 min) deep in the valve pocket. This was followed by platelet adhesion to and 

activation on this fibrin gel over 30-45 min, which was necessary for thrombus growth out of the 

valve sinus and into bulk flow. A subpopulation of platelets that accumulate in the valve pocket 

expose phosphatidylserine on their surface. RBC at physiologic hematocrits were necessary to 

provide an adequate flux of platelets into the valve sinus to support thrombus propagation. 

 

Conclusions. Immobilized TF can initiate coagulation in a model venous valve sinus, but 

platelets and RBC are necessary to spatially propagate a thrombus. Platelets entrained in the 

vortical flows in the valve sinus, a process that is enhanced by RBC, adhere in a dense layer to 

an initial fibrin gel. This platelet layer supports additional coagulation, and the formation of a 

fibrin rich thrombus that grows beyond the valve sinus.  
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5.1 Introduction 

 

The initiation and propagation of venous thrombosis (VT) is poorly characterized 

compared to arterial thrombosis.1 This is due, in part, to the lack of animal and in vitro models 

that replicate the hemodynamics and microenvironment of venous valves where most non-

trauma related VT in humans originates. The most common animal models of VT are initiated 

via partial or total ligation of veins where thrombi do not originate in valve sinuses and 

thrombosis is often initiated by mechanical vessel injury.2-5 In vitro flow chambers are often used 

to simulate the flows and forces that regulate thrombus formation in straight or stenotic channels, 

but few recreate the geometry of venous valves.6-8 In this study, we describe a scaled model of 

human venous valves that recreates their essential hemodynamics in order to determine the 

influence of blood flow, red blood cells (RBC), and platelets on thrombus propagation initiated 

by immobilized tissue factor (TF). 

VT results from a combination of flow stasis, hypoxia-induced activation of the 

endothelium, and subsequent accumulation of procoagulant factors in the valve sinus.9,10 Flow 

stasis broadly refers to a complete lack of blood flow, but also disturbed flows that result in low 

flow niches. Venous valve insufficiencies caused by aging and immobility reduces blood flow 

into and within the valve sinus.11 These unusual hemodynamics conditions in the valve sinus 

yield a hypoxic environment that results in the presentation of P- and E-selectin and von 

Willebrand factor (VWF) on endothelial cells,12 which in turn supports adhesion of blood cells 

and microparticles.13,14 Accumulation of TF positive microparticles, monocytes, and platelets 

initiates coagulation through the extrinsic pathway.1 Computational models of VT suggest that a 

threshold quantity of TF must accumulate prior to the initiation of coagulation.15 However, 

following this initiation, the mechanisms that propagate a thrombus into the lumen of the vein 

are unknown.  

The histology of venous thrombi implies a role for blood flow in thrombus propagation. 

The alternating layered structure of red, fibrin-rich regions that begin at the vessel wall in the 

valve sinus followed by white, platelet-rich regions, called the lines of Zahn, suggests a 

mechanism of rapid platelet accumulation to the initial fibrin-rich thrombus.16,17 The geometry of 

the valve sinus defined by a large cavity distal to the expansion created by the valve leaflets 

creates unique flow patterns. Flow through fixed venous valves of dogs shows a large primary 
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vortex adjacent to the valve cusps, and a secondary vortex in the deepest recess of the valve 

pocket.18. The fluid velocity in this secondary vortex is extremely slow and corresponds to the 

most hypoxic area of the valve sinus.19 Vortical flows, also called recirculation flow, in the valve 

sinus have also been observed by ultrasound in human venous valves.20  

Vortical flows caused by flow separation downstream of a stenosis or sudden expansion 

supports thrombus formation.21 Blood cells that enter these flows have a long residence time that 

promotes platelet-platelet collisions, and ultimately aggregation.22 RBC enhance the 

accumulation of platelets in vortical flows in a hematocrit dependent manner.22-24 The low wall 

shear rates in vortical flows support platelet adhesion to collagen and neutrophil adhesion to P-

selectin, with the most accumulation occurring near reattachment points.22,25,26 These prior 

adhesion studies in stenoses and expansions are relevant to arterial thrombosis or vascular 

injuries where collagen is exposed to flowing blood, however they do not incorporate 

coagulation or fibrin deposition, which are central to the pathophysiology of VT.  

In this study, we present TF-initiated thrombus propagation in a model venous valve. We 

use scaling arguments to fabricate valve geometries that have dynamic and geometric similarity 

to human valves. A series of undercuts in an sudden expansion geometry result in primary and 

secondary vortices. We show that RBC are necessary to deliver platelets at an adequate rate to 

support thrombus growth beyond an initial fibrin-rich thrombus that forms in the valve pocket. A 

significant fraction of those platelets that accumulate in the valve pocket become 

phosphatidylserine (PS) positive suggesting that they support additional coagulation beyond that 

initiated by immobilized TF and allow for thrombus growth out of the sinus and into the lumen.  

 

5.2 Materials and Methods 

 

A) Materials 

Bovine serum albumin (BSA), calcium chloride, magnesium chloride, sodium chloride, 

HEPES, glucose and 3,3’-dihexyloxacarbocyanine iodide (DiOC6), acetone and ethanol were 

obtained from Sigma Aldrich (St. Louis, MO, USA). Sylgard 184 Silicone Elastomer Kit was 

purchased from Krayden (Westminster, CO). Innovin lipidated tissue factor (TF) was purchased 

from Dade-Behring (#10445705, Miami, FL). KMPR 1050 and KMPR 1010 were purchased 

from MicroChem Corporation (Westborough, MA). Human fibrinogen was purchased from 
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Enzyme Research Laboratory (South Bend, IN) and labeled with Alexa-555 labeling kit 

purchased from Life Technologies (Grand Island, NY). Tridecafluoro-1,1,2,2-tetrahydrooctyl) 

trichlorosilane was from Gelest (SIT8174.0, Morrisville, PA). Hydrochloric Acid (12 M)  was 

purchased from Avantor (#H613-46, Center Valley, PA). Annexin V binding buffer (Cat 

#422201) and Pacific Blue Annexin V label (Cat # 640918) were from Biolegend (San Diego, 

CA). 3 µm FITC-labeled polystyrene beads (PSF-003UM) were from Magsphere (Pasadena, 

CA). Cover glass and plastic syringes (60 mL, BD, Cat #309653 and 3 mL BD, Cat #309657) 

were purchased from Fisher Scientific (Waltham, MA, Cat # 12-544-18). Biopsy punches, 0.75 

mm and 1.5 mm, were from World Precision Instruments (Sarasota, FL, Cat #504529) and Ted 

Pella (Redding, CA, Cat #15110-15), respectively. Small tubing (Tygon S-54-HL PVC Medical 

Tubing, 0.010” ID, Tygon S-54-HL PVC Medical Tubing, 0.03” ID) was purchased from Cole 

Parmer (Vernon Hills, IL). Connectors (1/16” T Type, Cat# 64028) and large tubing (1/16 “ ID, 

Cat #57739) were purchased from US plastics (Lima, Ohio). The 500 µL Hamilton Gastight 

syringe was from Hamilton (Reno, NV, # 81220). 10X HEPES Buffered Saline (HBS) was 

prepared by dissolving 1500 mM NaCl and 250 mM HEPES in deionized (18.2 MΩ-cm) water. 

10X HBS was diluted to 1X using deionized water prior to use. RBC wash buffer (10 mM 

HEPES, 140 mM NaCl, 1 % w/w glucose, pH =7.3) was made in house. Recalcification buffer 

(75 mM CaCl2, 37 mM MgCl2 pH= 7.4 in HBS) was made in house. 

 

B) Computational Fluid Mechanics 

Flow through the model venous valve part of the device was modeled at steady state for 

the 90°, 120°, 135° and 150° angles using the same dimensions as the device using 

computational fluid dynamics software (COMSOL Multiphysics, COMSOL Inc, Burlington, 

MA). The entrance condition was set as a constant flow rate to match Re for a Newtonian fluid 

with a viscosity of 3.5 cP. The outlet condition was set as a zero pressure. The other boundary 

conditions were set to no-slip. The solution to the Navier-Stokes equation was calculated at a 

finer mesh size (1379416 elements). The simulations were repeated at a fine (422701 elements), 

normal (159625 elements) and coarse (76256 elements) mesh to insure grid independence. 

Figure B.1 (A) plots the wall shear rate across the expansion, from the expansion point to the 

wall, for the different mesh sizes. Additionally Figure B.1 (B) plots the velocity in the direction 

of bulk flow from the expansion point to the wall at a height of 70 µm for the different grid sizes. 
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C) Reynolds Number Matching 

The Reynolds number, Re, is a non-dimensional number that compares viscous to inertial 

forces in flow. It is given by 

!" =  
!"#

µ
 

where ρ is the fluid density, μ the fluid viscosity, v the average velocity and D is the 

characteristic dimension (the channel height in our case). When we increased the HCT, we 

increased the viscosity of the suspension. At the same flow rate, this would lead to a smaller Re. 

In order to achieve dynamic similarity and match Re across different HCT we estimate the 

viscosity using  

µ!"# = 1+ 2.86 1− !"#
!!.!"#

− 1  

where µrel is the relative viscosity of the suspension versus the bulk, and HCT the hematocrit32) 

These flow rates are in Table 5.1 for plasma, and Table 5.2 for buffer. 

 

 

 

Table 5.1: Flow rates as a function of hematocrit and Re for plasma as the bulk fluid. * For 

thrombus formation experiments the HCT 0.6 case was run at 372 µL/min due to volume 

constraints. 

Plasma  HCT 0 HCT 0.2 HCT 0.4 HCT 0.6 

Re = 0.1 1.5 µL/min 2.3 µL/min 3.7 µL/min 5.9 µL/min 

Re = 1 15 µL/min 23 µL/min 37 µL/min 59 µL/min 

Re = 10 148 µL/min 235 µL/min 372 µL/min 592 µL/min* 

Re = 25 370 µL/min 586 µL/min 930 µL/min 1479 µL/min 

 

 

 

Table 5.2: Flow rates as a function of hematocrit and Re for buffer as the bulk fluid. 

Buffer  HCT 0 HCT 0.2 HCT 0.4 HCT 0.6 

Re = 0.1 0.9 µL/min 1.3 µL/min 2.0 µL/min 3.3 µL/min 

Re = 1 9 µL/min 13 µL/min 20 µL/min 33 µL/min 

Re = 10 90 µL/min 135 µL/min 204 µL/min 329 µL/min 

Re = 25 225 µL/min 337 µL/min 509 µL/min 821.7 µL/min 
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D) Microfluidic Device Fabrication 

The flow chamber consists of 150 µm wide PMDS channels expanding into a 450 µm 

wide channels at angles 90°, 120°, 135° or 150°, where larger angles represent a more severe 

undercut. A vacuum chamber surrounds the channels to aid in the removal of air bubbles. Two 

consecutive layers of KMPR 1050 (MicroChem, Newton, MA) photoresist were spun at 1500 

rpm on a silicon wafer, with a 20 min soft bake (100 °C) following each spin coat. The 

photoresists was exposed to a UV light dose of 2608 mJ/cm2, followed by a 3 min hard bake 

(100 °C) and development in 2.38% tetramethylammonium hydroxide (AZ MIF 300). The 

device height was measured with profilometry to be 145 µm. Wafers were pretreated with 

(Tridecafluoro-1,1,2,2-tetrahydrooctyl) trichlorosilane for four hours prior via vapor deposition 

under vacuum before each molding. PDMS was poured on the wafer at a 10:1 ratio of base to 

catalyst and the wafer was cured in a convection oven for 4 h at 60 °C. The mold was peeled and 

inlet and outlet holes (0.75mm) and a vacuum hole (1.5mm) were defined with biopsy punches.  

E) Visualization of streaklines 

To evaluate streaklines in the device, 3 µm FITC-labeled polystyrene beads at number 

density of 200,000/µL in HBS were mixed with washed red cells at HCT of 0, 0.2, 0.4 and 0.6. A 

500 µL Hamilton Gastight syringe was filled with the solution and connected to a flow device 

via the 0.01” ID tubing. Flows rates were set to match desired Re of 0.1, 10, and 25. Images were 

acquired with an inverted microscope (Olympus IX81, 20X NA = 0.45, ex/em 475/505nm) at 

100 ms exposure once steady state flow was reached. 

F) Blood collection  

All procedures followed were in accordance with the ethical standards of the responsible 

committee on human experimentation (University of Colorado, Boulder) and with the Helsinki 

Declaration of 1975, as revised in 2000. Informed consent was obtained from all subjects for 

being included in the study. Blood was collected from healthy donors by venipuncture into 4.5 

mL vacutainer tubes containing 3.2% sodium citrate. The first tube of blood collected was 

treated as waste to eliminate any activated platelets due to venipuncture. Donors had not 

consumed alcohol within 48 h prior to the draw, nor had they taken any prescription or over-the-

counter drugs within the previous 10 days excluding oral contraception.  
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G) Procedures for platelet rich plasma, reconstituted blood, and plasma with RBC suspensions  

Platelet rich plasma (PRP) and packed red blood cells (RBC) were obtained by 

centrifugation of citrated whole blood at 200g for 20 min. The top fraction above the buffy coat 

was collected for PRP and platelet counts were measured by flow cytometry gated by size. The 

bottom fraction contained packed RBC. Hematocrit of the packed RBC was measured with a 

CritSpin (Beckman Coulter, Brea, CA) following the manufacturer’s instructions. For 

experiments where RBC were added into PRP to give reconstituted blood, packed RBC and PRP 

were combined to achieve the desired hematocrit without wash steps (e.g., if the assay was to be 

run at HCT 0.4 we prepared the blood at HCT 0.44 to account for the additional volume of the 

recalcification buffer).  

For experiments where RBC were added into NPP, the RBC were first washed three 

times with RBC buffer for 5 min at 2000g. NPP was added back to the RBCs to achieve the 

desired hematocrit (HCT) concentrations. DiOC6 (1µM) and Alexa 555 labeled fibrinogen was 

added to each preparation (NPP, PRP, NPP + RBC, reconstituted blood, final concentration 28 

µg/mL) for 15 min at 37°C prior to introduction into the device.  

 

H) Microfluidic Device Operation 

The PDMS device was cleaned with successive sonications in 1 M HCl, acetone and 

ethanol for 5 min each followed by a forced air dry. The device placed in a 60 °C oven overnight 

to fully dry. It was then covalently bonded to cover glass via oxygen plasma (100W, 45 seconds) 

and then placed in a 60 °C oven overnight. Stock Innovin tissue factor (TF) was diluted 1:9 in 

HBS and used to pattern the post expansion half of the channel including the pockets by 

carefully backfilling via pipette aspiration. The device was connected to vacuum to insure that 

there were no air bubbles in the valve pocket. After a one hour incubation of TF at room 

temperature, the device was connected to the tubing setup described below. 

The small tubing, connector, and large tubing were connected as shown in Figure B.2. A 

60 mL syringe was filled with 2% BSA in HBS to the 25 mL mark, and a 3 mL syringe is filled 

with recalcification solution to the 3 mL mark. The 3 mL syringe is connected first (Figure B2) 

and calcium buffer is perfused until it comes out of the blood inlet. Then the 60 mL syringe is 

connected. This order insures that the dead volume between the calcium inlet and the T-junction 

is filled with calcium buffer and not BSA solution. The syringes were placed onto a syringe 
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pump (Harvard Apparatus PhD 2000), the flow rate set to match the desired Re (Table 5.1), and 

the solutions were perfused through the tubing for 5 minutes to insure a tight connection with the 

pump as well as to block the tubing along the path of blood flow. The outlet tubing was then 

connected to the microfluidic device, and an additional outlet tubing (60 cm, 0.01” tubing) was 

connected to an outlet reservoir containing HBS. The whole system was perfused for 5 minutes 

and allowed to block with BSA in HBS for an additional hour. 

When the plasma, RBC suspension, platelet rich plasma, or reconstituted blood was ready 

for perfusion, the 60 mL syringe was emptied of the blocking solution, and filled with one of 

these solutions or suspensions to the same volume it held prior to removal insure it will fit on the 

syringe pump without adjustments. Flow was started immediately. Images of the valve pocket 

were captured every 20 seconds in a confocal microscope at three z-locations to make sure the 

cover glass surface was in focus in at least one for at least 30 minutes (Brightfield, FITC and 

TRITC filter sets, Olympus FV10i, 60X objective NA = 0.95). Alternatively, for thrombus area 

assays, images were captured with an inverted microscope (Olympus IX81, 20X NA = 0.45, 

ex/em 475/505nm, 545/580) every 10 seconds. 

 

I) Image Quantification 

Thrombus areas at 30 minutes were measured using ImageJ (NIH, Bethesda, MD). 

Integrated fluorescence of platelet accumulation was measured using ImageJ, the average 

greyscale pixel brightness normalized by the maximum (4096 for a 12-bit TIFF). 

 

J) Statistical Analysis 

Statistical differences were measured using two sided Student’s t-tests in the GraphPad 

Prism software v.5. (GraphPad Software Inc, La Jolla, CA) 

 

K) Phophatidylserine labeling of platelets 

Assays were run with reconstituted whole blood (HCT 0.4) at Re = 10. After 25 min of 

perfusion, flow was stopped and the channel was rinsed three times with Annexin V binding 

buffer in the same direction of flow (blood inlet to blood outlet) using a pipette. The clot was 

then fixed by filling the channel with 2% glutaraldehyde in HBS for 10 minutes. The channel 

was then rinsed with the Annexin V binding buffer, and then filled with the Annexin V label 
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mixed 1:1 with the binding buffer. The sample was incubated in the dark at room temperature 

(21°C) for 45 min and then rinsed with Annexin V binding buffer and imaged with a confocal 

microscope (DAPI filter set, Olympus FV10i). 

 

5.3 Results 

 

A) Design and characterization of model venous valves 

The diameter of the human greater saphenous vein (GSV) is 5-9 mm with blood flow 

rates of ~100 mL/min.27 At this scale, a prohibitive volume of blood would be required for 

observing thrombus formation in a single pass device. Therefore, we used a scaling approach to 

develop a model vein and venous valve with dimensional and dynamic similarity to human 

venous valves28 The vessel stenosis ratio—vessel diameter:distance between valve leaflets—is 

the primary geometric ratio that dictates flow in an expansion. This ratio is approximately 3:1 in 

the GSV.29 In the scaled model, we use a 450 µm wide channel as the vessel and a 150 µm wide 

channel as the stenosis to achieve a 3:1 stenosis ration. In order to mimic the valve sinus, we 

fabricated devices with undercut angles of 90°, 120°, 135° or 150° as a simple way to examine 

the influence of the valve leaflet position on flow patterns (Fig. 5.1A). Dynamic similarity is 

achieved by perfusing blood through the device at Reynolds numbers (Re) of 1, 10, 25, and 100. 

The Re is a dimensionless quantity that characterizes the relative importance of inertial forces to 

viscous forces. In flows with Re > 1 inertial forces dominate. For sufficiently high Re, flow 

separation arises due to a counter acting pressure gradient against the direction of flow 

immediately downstream of the sudden expansion (Fig. 5.1B). Fluid far from the wall has more 

inertia and is able to overcome this pressure gradient and continue downstream, but viscous 

forces acting on fluid in the near wall region causes flow reversal. This flow separation is 

characterized by detachment and reattachment points (Fig. 5.1C) as well as regions of low wall 

shear rates that are favorable for fibrin deposition. The area of the valve pocket with a wall shear 

rate below 50 s-1, which can support fibrin deposition in the absence of blood cells,30 depend on 

both on Re and primarily on the expansion angle as predicted by computational fluid dynamics 

(Fig. 5.1D). Above Re of 10, which is characteristic of large veins,29,31 the low shear rate area 

was independent of Re. This suggests that valve geometry, more than blood flow, dictates flow in 

the valve pocket.  
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Figure 5.1: Geometry and flow profiles in the model venous valve (A) The device consists of an 

expansion from 150  µm wide channel to 450 µm wide channel with a constant height of 141 

µm. The angle of expansion was either 90, 120, 135 or 150 degrees. The zone behind the 

expansion is designated the valve cusp. The deeper part of the sinus is designated as the valve 

pocket. (B) Visualization of the gauge pressure after a 150 degree expansion for a Reynolds 

number (Re) of 10. The pressure in the valve sinus is lower than the downstream pressure, 

resulting in a reversed flow. The arrows roughly depict average flow directions. (C) The area 

with a wall shear rate of less than 50 s as calculated by the simulation for Re of 1, 10, 25 and 100 

and the expansion angles of 90, 120, 135 or 150 degrees. (D) Streamlines for the 150 degree 

expansion for Re of 10. The flow reattachment point distance is measured from the corner to the 

end of the primary vortex. 
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To visualize the flow field in the absence of blood cells, we perfused suspensions of 3 µm 

fluorescent particles through the scaled model and measured their streaklines (Fig. 5.2A). At Re 

= 1 and all angles, we observe a particle free region in the valve pocket as indicated by the dark 

zones where few fluorescent particles were observed over a one hour experiment. Those particles 

that entered the corners of these zones had little apparent convective velocity, suggesting no or a 

small circulating flow. At Re = 10, we observed flow separation and the entrainment of particles 

in a primary vortex at undercut angles of 135° and 150° as indicated by particle streaklines that 

move countercurrent to the bulk flow. At Re = 25, we observed particle accumulation in the 

primary vortex at all angles except for 90°. The reattachment length increased with increasing Re 

(Fig. B.1A) For a given Re, increasing the angle also increases the reattachment length (Fig 

B.1B). At angles of 135° and 150°, particles were also observed in a secondary vortex for Re of 

10 and 25, which was designated by slow moving particles in the valve pocket. 

 

B) RBC enrich the valve pocket with platelets and platelet sized particles 

In the presence of RBC, we observed enhanced entrainment of fluorescent particles in the 

valve pocket for HCT of 0.2, 0.4, and 0.6 compared to experiments with no RBC (Fig. 5.2B, Fig. 

B.4). To provide a faithful comparison of the flow field independent of HCT, the Re rather than 

the flow rate were matched. A HCT dependent function for the viscosity was used to calculate 

Re (see Methods)32. The reattachment length remained constant across matched Re for all HCT 

values, confirming that this is the appropriate scaling parameter (Fig. B.1AB). In experiments 

where TF was immobilized in the valve pocket, the rate platelet accumulation in the valve pocket 

was enhanced by roughly three-fold in reconstituted blood with a HCT of 0.4 compared to 

platelet rich plasma (PRP) (p= 0.0213). In the 135° and 150° expansion angles, RBC also entered 

and became trapped in the valve pocket and the initial fibrin gel. These data show that RBC 

enhanced the transport of platelet and platelet sized particles into the valve pocket. 
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Figure 5.2: Fluorescent bead streaklines in the model venous valve A) Perfusion of 3 µm 

fluorescent beads through the device for the 90, 120, 135 and 150 degree expansion at Re of 1, 

10, and 25. B) Perfusion of 3 µm fluorescent beads HCT 0.2 through the device for the 90, 120, 

135 and 150 degree expansion at Re of 1, 10 and 25. The primary vortex grows as a function of 

Re at both angles. The low flow, cell poor region (valve pocket) is visible at higher undercut 

angles, and more beads enter the vortices in the presence of RBC. 
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C) Low flow regions in model valve pockets support initial fibrin formation and thrombus 

growth 

To determine the influence of undercut angle on the initiation of thrombus formation, 

PRP and reconstituted blood (PRP with RBC) were perfused at a Re of 10 through devices with 

undercut angles of 90° and 150° where TF was immobilized on the surface of the model valve 

sinus (Fig. 5.3A). Fibrin deposition occurred in the lowest flow regions within ten minutes for 

the 90° undercut angle, and within five minutes for the 150° undercut angle. Initial fibrin 

deposition coincided with areas where computational models predict a wall shear rate of less 

than 50 s-1 (Fig. 5.3B). For a 90° undercut angle, we observed a single vortex (Fig. 5.3C) and 

only moderate fibrin formation followed by platelet accumulation. For a 150° undercut angle, a 

fibrin gel first fills the area coinciding with the predicted secondary vortex (Fig. 5.3C), followed 

by platelet adhesion and aggregation which then supports spatial propagation of the thrombus 

that ultimately grows out of the valve pocket and into the bulk flow (Fig. 5.3A). These data 

suggest that the valve pocket geometry, and in particular regions of very low flow, protect 

coagulation and fibrin polymerization reactions and support initial platelet accumulation.  

 

D) Platelets and RBC are necessary for thrombus propagation out of the valve sinus 

To determine the roles of platelets and RBC on thrombus growth in our model valve 

sinus, normal pooled plasma (NPP), platelet rich plasma (PRP), NPP containing RBC, and 

reconstituted blood (PRP with RBC) was perfused at a Re of 10 through devices with a 150° 

undercut angle.  

For NPP, fibrin formed within 3-5 minutes in the valve pocket region with the lowest 

shear rate as described above, but did not extend beyond the area defined by the initial secondary 

vortex (Fig. 5.4). Note the concave interface of the fibrin gel mirrors the interface between the 

primary and secondary vortex from particle streaklines (Fig. 5.2) and computational simulations 

(Fig. 5.3). Fibrin fibers were densest at the interface suggesting an accumulation of coagulation 

proteins and fibrin(ogen) transported by flow into the primary vortex. The interface moved 

slowly; it extended just 50 µm over 30 min. Control experiments in the absence of immobilized 

TF showed fibrin deposition only in the deepest part of the valve pocket and only after 30 min of 

perfusion. 
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Figure 5.3: Comparison of thrombus formation in the 150° and 90° angle expansions. In the 

regular 3:1 expansion, there is only one primary recirculation vortex (C, right panel). With an 

increase in the expansion angle, there is a larger zone of protected flow with shear rates below 

200 s, designated in this paper as the valve pocket (B left panel) and a secondary vortex (C, left 

panel). These factors lead to dramatic increase in thrombus size at 15 minutes for whole blood 

(HCT 0.4, A). Platelets and leukocytes are shown in green, fibrin(ogen) is shown in red. Scale 

bar = 150 µm 

 

 

PRP yielded similar sized thrombi as NPP (Fig. 5.4). Platelets tend to accumulate near 

the detachment point at the valve cusp, as well as at fibrin gel interface with the primary vortex. 

In regions near adhered platelets the fibrin gel grows denser with time relative to gels formed 

with NPP, possibly due to retraction or additional coagulation. However, thrombus size is similar 

to that of NPP after 30 minutes (Fig. 5.5). Thus, platelets in the absence of RBC do not support 

the propagation of thrombi beyond the low flow region defined by the secondary vortex. 
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Figure 5.4: Plasma and reconstituted blood flow assays. Normal pooled plasma (NPP) platelet 

rich plasma (PRP), washed RBC in NPP (HCT 0.4) and reconstituted whole blood (HCT 0.4) 

were perfused at Re = 10 through the device. Platelets and leukocytes are shown in green 

(DiOC6) and fibrin(ogen) is shown in red. Time points of five, ten and thirty minutes are shown. 

NPP, PRP, and RBC+NPP show a slow moving front that corresponds to the edge of the primary 

vortex and the transition to the valve pocket. The increase in fibrin(ogen) is primarily in the 

valve pocket.. The PRP showed platelet adhesion at the valve cusp that permitted some fibrin 

formation in the new flow protected region behind the platelet aggregate. For the reconstituted 

whole blood, red blood cells fill the valve pocket, obstructing the fluorescent imaging. The 

thrombus grows from the valve pocket, and from the expansion point at the valve cusp. Scale bar 

= 100 µm. 

 

 

NPP with suspended RBC at HCT of 0.4 and 0.6 yielded fibrin deposition that was also 

limited to the valve pocket. Here, the morphology of the fibrin gel is different because RBC were 

incorporated in the fibrin gel (Fig. 5.4). However, these RBC did not support additional 
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thrombus growth beyond what was observed for NPP after 30 min (Fig. 5.5). In control 

experiments without TF, RBC became trapped in the valve pocket, but no fibrin fibers were 

observed. It does not appear that RBC alone support additional coagulation that results in 

observable enhancement of thrombus growth compared to plasma alone. 

Reconstituted blood containing both platelets and RBC supports robust thrombus growth 

out of the valve pocket and into the bulk flow. These thrombi were roughly double the size of 

those formed with NPP, PRP, and NPP with RBC at 30 minutes (Fig. 5.5). Compared to PRP, 

experiments with reconstituted blood show that platelets in the primary vortex adhere in a dense 

layer to the initial fibrin gel formed in the valve pocket, followed by the rapid formation of a 

thrombus that extends past the primary vortex (Fig. 5.4). The thrombi grew beyond the field of 

view during some experiments, so exact thrombus sizes were not available for all assays. HCT of 

0.4 and 0.6 yielded similar thrombus growth rates and sizes (Fig. 5.5). Alternating platelet- and 

RBC-rich zones are apparent as the thrombus penetrated into the main channel. 

 

 

 

 

 

 

 

 

 

Figure 5.5. Thrombus area as a function of HCT and platelets. The area of the thrombus was 

measured at 30 minutes for RBC in NPP at (black bars) and reconstituted blood (grey bars) for 

HCT of 0, 0.4, and 0.6 (n=3-5). The means and standard error are plotted. Statistical differences 

were measured by two sided Student’s t-test’s (* p = 0.0104, ** p < 0.01). 

 

 

E) Platelets adhered to fibrin in the valve sinus can become procoagulant 

In both PRP and reconstituted blood experiments, we observed regions in the valve 

pocket where the DiOC6 dye, which labels the mitochondrial membrane, began to fade at around 

ten minutes after initial adhesion. We hypothesized that this was indicative of mitochondrial 
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depolarization due to platelet activation and would lead to subsequent exposure to 

phosphatidylserine (PS).33 To test this hypothesis, we performed experiments with reconstituted  

 

Figure 5.6: Platelets become activated in the valve pocket A) Confocal image of the valve pocket 

at five minutes with reconstituted blood (HCT 40, Q = 372 µL/min) Initial platelet (green) 

deposition on fibrin (red). Arrow 1 designates platelets that will become procoagulant. B) 

Confocal image of the valve pocket at 20 minutes. The platelets deposited at 5 minutes have 

become coagulation points (arrow 1) while later adhering platelets have not (arrow 2) C) 

Confocal image at 25 minutes after chemical fixation and Annexin V (cyan) staining. The 

Annexin V is localized on the edges of platelet aggregates and in the fibrin network (arrow 1). 

Some platelets have not become procoagulant (arrow 2). Scale bar = 20 µm. 

 



93 	

 

blood (HCT 0.4) at Re of 10 for 25 minutes, fixed the thrombi, and then used annexin V to label 

PS (Fig. 5.6). We found annexin V positive platelets were localized in dense fibrin networks near 

the fluid-thrombus interface and in large platelet aggregates (Fig. 5.6C). Platelets that lost their 

DiOC6 signal during the perfusion experiment were found to be annexin V positive following 

fixation. 

 

5.4 Discussion 

 

In this study we designed a model of venous thrombosis that captures some of the 

important hemodynamic features of human venous valves, specifically, primary and secondary 

vortices and flow separation in an expansion geometry with an undercut. TF was immobilized in 

the valve pocket at concentration that initiated coagulation. An initial fibrin gel formed in the 

low flow region of the secondary vortex in the deepest part of the valve pocket independent of 

blood cells. Both RBC and platelets were necessary to support thrombus growth beyond the 

valve pocket. Platelets appear to support additional thrombus growth beyond the initial fibrin gel 

by adhering, activating, and for at least a subpopulation, becoming procoagulant. The primary 

role of RBC was to enhance the rate of delivery of platelets to the valve pocket. These results 

suggest a mechanism whereby platelets are essential in propagating thrombi out of valve pockets 

and into the vein lumen (Fig. 5.7).   

The initiation of coagulation and fibrin polymerization require protection from dilution 

by blood flow.34 Computational models of venous thrombosis suggest that a threshold 

concentration of TF must first accumulate on the valve wall before coagulation can initiate.35 

Here, we have skipped the steps leading up the accumulation of TF, and started with a surface 

TF concentration capable of initiating coagulation. Previous studies found that even at high 

thrombin or TF concentration, fibrin can only form at wall shear rates below 100 s-1 in absence of 

adhered blood cells.8,30 That is congruent with our observations in this study, where the low flow 

region in the valve pocket was the nidus for fibrin deposition. The size of this initial fibrin gel 

was dictated by the degree of undercut, more so than the Re. Fibrin is found in thrombi formed at 

higher shear rates because the interstitial spaces between blood cells, and most notably platelets, 

shields coagulation and fibrin polymerization reactions from dilution.8 In our venous valve 
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model, platelets adhere to the initial fibrin gel and support additional fibrin deposition, possibly 

due in part to their ability to not only support coagulation reactions on their surface, but also to 

protect from dilution by flow in the primary vortex and bulk flows. 

 

 

Figure 5.7: Proposed mechanism of the propagation of the thrombus in the model. RBC-

mediated marginated platelets enter the primary recirculation vortex under hemodynamic 

conditions that result in flow separation. Fibrin can form in the low shear region of the valve 

pocket with or without cells. Platelets in the presence of RBC can adhere to and aggregate at the 

fibrin interface and become procoagulant. These procoagulant platelets provide additional 

coagulation sites and help propagate the thrombus into the vessel lumen. 
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The primary role of RBC in the venous valve model was to enhance the transport of 

platelets into the valve pocket at a sufficient rate to support additional coagulation. Based on 

studies in non-biological dense suspensions,36 we would expect this is due to platelet margination 

upstream from the expansion point, rather than increased collisions within the vortices. Elevated 

hematocrit is correlated with increased risk for VT.37 In our model, we did not observe a 

significant difference in thrombus growth between hematocrits of 0.4 and 0.6. However, these 

experiments were conducted at a constant Re to provide faithful comparison of the 

hemodynamics, while the cardiovascular system is likely regulated by other parameters like 

oxygen demand. The procoagulant activity of RBC reported by others38 was not sufficient in 

these studies to initiate fibrin deposition in the absence of TF, nor to enhance it in absence of 

platelets. This observation is in agreement with in vivo, in vitro, and in silico models of arterial 

thrombosis where the primary influence of an elevated hematocrit is to promote platelet 

dependent thrombus growth rather than coagulation.39  

Platelet adhesion to fibrin is essential in this model for thrombus propagation. In similar 

studies in expansion geometries platelets adhere to collagen at the reattachment points under 

conditions that cause flow separation. Here, under similar conditions we observed that platelets 

could adhere to fibrin along the entire periphery of the primary vortex and thus form a platelet-

rich layer reminiscent of the lines of Zahn. This layer of platelets supports coagulation and the 

formation of an adjacent fibrin-rich thrombus that penetrates from the valve sinus into the bulk 

flow. In experiments with plasma or plasma and RBC, a fibrin gel only forms in the valve pocket 

near wall-bound TF and cannot grow beyond the secondary vortex. Platelets bound to fibrin can 

become activated via glycoprotein VI (GPVI) mediated signaling leading to PS exposure.40,41 

Additionally, because VWF also appears to be necessary for thrombus growth in VT in some 

models,13 VWF integrated into to fibrin fibers or bound to platelets could support both platelet 

adhesion and activation on fibrin42,43. In our model platelets do not play a significant role in the 

initiation of a thrombus, which is consistent with a lack of platelets at the thrombus nidus in vivo 

(the valve pocket in our model) but present in successive layers (the valve cusp and beyond). 16,44 

Platelets are also essential for thrombus growth in some animal models of VT.13,14,45 

There are several limitations of this study. First, because the model valve leaflet is fixed, we do 

not capture the hemodynamics associated with valve opening and closing. This is an approach 

similar to other in vitro and computational studies of VT15,35 and we argue is a relevant model for 
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valvular stasis. Second, in order to use a non-prohibitive volume of human blood we used scaling 

arguments to create a small version of a human venous valve. This model captures the essential 

hemodynamics, but the time scale for thrombus propagation is naturally shortened due to the 

smaller length scales. Third, there is evidence that leukocytes and specifically neutrophils and 

neutrophil extracellular traps (NETs) play a role in venous thrombosis. These mechanisms were 

not studied here because the focus was on platelet and RBC interactions, but the model is 

certainly amenable to examining the role of leukocytes, at least in thrombus propagation.  
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CHAPTER 6 

GENERAL CONCLUSIONS AND FUTURE WORK 

 

6.1 General Conclusion 

 

 Thrombus formation is regulated by biophysical mechanisms. Platelets are 

transported to injury sites at rates that depend not only on flow rate, but also collisions 

with red blood cells. Their ability to tether to the exposed subendothelium depends on 

shear stresses at the injury site. The rate of fibrin formation is a function of the mass 

transfer of procoagulant plasma proteins and of surface reaction rates. In this thesis, I 

studied these biophysical mechanisms in microfluidic models of arterial thrombosis and a 

novel venous thrombosis model. 

 In Chapter 2, we evaluated whether a microfluidic flow assay that incorporates 

physiological shear rates can screen for deficiencies in VWF in clinical patients 

presenting with mucocutaneous bleeding. We found that at shear rates of 750 s-1 and 1500 

s-1 platelet accumulation on fibrillar collagen was sensitive to VWF deficiencies in 

patients with low VWF levels and type I VWD.  The assay was able to discriminate type 

I VWD patients from healthy controls, and was sensitive to the response to DDAVP 

therapy. These results show promise that microfluidic technology can be incorporated 

into the clinical setting. 

 In Chapter 3 we designed and characterized a microfluidic mixer to continuously 

recalcify citrated whole blood. This mixer reduced the diffusion length that dictates the 

mixing time for low Re microfluidic systems by incorporating a herringbone structure. 

The mixing ratio could be easily controlled by pressure differences between the two 

inlets. This mixer allowed us to increase our assay time from the five minutes seen in 

Chapter 2, to thirty minutes. This technology was used in Chapter 4 and other studies in 

our laboratory. 

 In Chapter 4, we showed that a clinically relevant increase of HCT from 0.41 to 

0.54 resulted in an increase in platelet accumulation rate, but not an increase in fibrin 

formation on a fibrillar collagen surface. Both of these results were consistent with in 

vivo and in silico experiments performed by our collaborators. The slight reduction in lag 
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time to initial platelet adhesion was not visible in vivo, but consistent with in silico 

experiments. Taken together, these experiments suggest that elevated hematocrit 

promotes increase platelet contact time with a growing thrombus, leading to faster 

platelet accumulation and accelerated thrombus growth. 

 In Chapter 5, we developed the first in vitro model of venous thrombosis. This 

model includes the secondary flows that are present in human venous valve pockets, but 

not present in murine models. We used an immobilized tissue factor surface to initiate 

thrombus formation. An initial fibrin gel formed within five minutes for all plasma and 

blood combinations. Platelets then adhered to this fibrin surface and accumulated over 30 

minutes in a HCT dependent manner. Without red cells, platelets were not transported to 

the initial fibrin gel and thus could not propagate the thrombus. Once adhered, platelets 

could become activated and provide support for additional coagulation. This model 

demonstrates the importance of including secondary flows in the study of venous 

thrombosis, and provides the framework for mechanistic studies on venous thrombus 

propagation.  

 

6.2 Future Work 

 

 Chapter 5 introduced a novel model of venous thrombus propagation. Platelets 

were shown to proliferate the clot into zones of higher flow. We demonstrated that the 

biophysical mechanism of margination and RBC collisions in the vortex were necessary 

for this growth, but have not yet demonstrated what occurs biochemically. We know that 

platelets activate in this model. We hypothesize that this occurs along the GPVI (fibrin, 

collagen) and PAR1 (thrombin) signaling pathways but have yet to test this hypothesis. 

We also know that platelets adhere to fibrin, but do not know with which receptor this is 

accomplished. These questions can be answered with the addition of platelet antagonists.  

 The αIIbβ3 receptor on a platelet (Figure 1.2) is responsible for platelet aggregation 

via fibrinogen bridges.1 A potent antagonist for this receptor is abciximab, sold under the 

trade name Reopro®. Figure 6.1 shows preliminary data on the effect 20 µg/mL (IC50 = 

0.34 µg/mL) of abciximab has on the thrombus formation in our VT model. The control 

and drug response experiments were run with whole blood from a single blood draw at 
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Re = 10 in the 150 degree expansion. The initial fibrin gel still forms at five minutes, but 

after an initial platelet buildup on the gel at the concave interface described in Chapter 5, 

platelets cease to adhere and the thrombus does not propagate (Figure 6.1B).  

 

 

Figure 6.1: Response to αIIbβ3 antagonist abxicimab in the venous thrombosis model. (A) 

Images of the control (left) and abciximab (right) experiments at five (top) and twenty-

five minutes (bottom). Platelets and leukocytes (DiOC6) are shown in green, fibrin(ogen) 

is shown in red. (B) Growth curves of the DiOC6 fluorescent signal for the control and 

abciximab experiment. 

 

 In addition to GPVI signaling2, platelets can also become activated by ADP3 

(Figure 1.1) released from α-granules of previously activated platelets through the P2Y12 

receptor. An antagonist for this receptor is 2-MeSAMP, sold as a pro-drug under the trade 

name Plavix. Figure 6.2 shows preliminary data on how addition of this drug affects 

thrombus formation in our model. As before, control and drug response assays are run 

from a single blood draw at Re = 10 in the 150 degree expansion. Overall the response is 

more subtle than with the abciximab. Initial fibrin formation is unchanged, but platelet 

accumulation is reduced (Figure 6.2C). While not definitive with only n = 2 experiments, 

this preliminary result suggests that platelet activation by ADP plays only a minor role in 
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our thrombus propagation model. A potential explanation for this effect is that platelets 

are primarily activated by thrombin formed from the TF-surface (Figure 1.1). 

 

  

 

Figure 6.2: Response to P2Y12 antagonist 2-MeSAMP in the VT model. (A) Images of 

the control (left) and 2-MeSAMP (right) experiments at five (top) and twenty-five 

minutes (bottom). Platelets and leukocytes (DiOC6) are shown in green, fibrin(ogen) is 

shown in red. (B) Growth curves of the DiOC6 fluorescent signal for the control and 2-

MeSAMP experiments shown. (C) DiOC6 growth velocity for the controls paired with 

the 2-MeSAMP experiments (n = 2). 

 

 

We cannot eliminate thrombin from our system without also affecting the fibrin 

gel formation. In order to test the hypothesis of whether thrombin is the primary platelet 

activator in our model, we will use a PAR1 inhibitor, atopaxar. This drug is not sold 

clinically as it failed clinical trials due to excessive patient bleeding, but has been shown 

to effectively block the PAR1 receptor. We will test this compound in our system to 

measure any changes in the dynamics of thrombus growth or level of platelet activation at 

25 minutes. An alternative approach is to form an initial fibrin gel with normal pooled 
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plasma, and then perfuse whole blood anticoagulated with D-phenylalanyl-prolyl-arginyl 

chloromethyl ketone (PPACK), a thrombin inhibitor. This second approach will eliminate 

thrombin-dependent activation of platelets, but may also affect coagulation at later times 

as all thrombin in the plasma will be scavenged by the PPACK. 

We hypothesize that the platelets are adhering to fibrin via their GPVI receptors 

and that this bond is contributing to their activation. In order to test this hypothesis we 

will use a humanized blocking antibody fragment ACT017 currently under development 

at Acticor Biotech (Paris, France). Although development for stroke prevention, this 

fragment may also be useful in the prevention of venous thrombosis. The result of these 

assays will be important because initial results suggest that reducing GPVI activity 

reduces thrombosis risk without causing major clinical bleeding elsewhere. 4-7  
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APPENDIX A 

SUPPLEMENTAL FIGURES FOR CHAPTER 2 

 

 

Figure A1: Correlation of MFA metrics to VWF:RCo.  The lag times, velocities and 

maxima of the complete cohort are plotted versus VWF:RCo for of 150, 750 and 1500 s-1. 

The cohort is divided into three categories: Type I VWD (magenta circles), low VWF 

(aqua squares) and MCB (black triangles). Two-tailed p-values from a Spearman 

correlation test of the total cohort with a zero-slope null hypothesis are shown on each 

plot.  

  

0 25 50 75
0

20

40

60

80

L
a
g

 T
im

e
 (

s
)

0 25 50 75
0.000

0.002

0.004

0.006

0.008

V
e
lo

c
it

y
 (

1
/s

)

0 25 50 75
0.0

0.2

0.4

0.6

0.8

1.0

VWF:RCo (IU/dL)

M
a
x
im

u
m

0 25 50 75
0

100

200

300

400

0 25 50 75
0.000

0.002

0.004

0.006

0.008

0 25 50 75
0.0

0.2

0.4

0.6

0.8

1.0

VWF:RCo (IU/dL)

0 25 50 75
0

100

200

300

400

0 25 50 75
0.000

0.002

0.004

0.006

0 25 50 75
0.0

0.2

0.4

0.6

0.8

1.0

VWF:RCo (IU/dL)

P (two-tailed) 0.6528

P (two-tailed) 0.9939

P (two-tailed) 0.0081

P (two-tailed) 0.0007

P (two-tailed) 0.0017

P (two-tailed) 0.0001

P (two-tailed) 0.2978 P (two-tailed) 0.0019 P (two-tailed) 0.0002



	 106	

 

Figure A2: MFA metrics do not correlate with bleeding history as measured by a 

standardized bleeding score. The lag times, velocities and maxima of the complete cohort 

are plotted versus bleeding score for 150, 750, and 1500 s-1. The cohort is divided into 

three categories: Type I VWD (magenta circles), low VWF (aqua squares) and MCB 

(black triangles). Two-tailed p-values from a Spearman correlation test of the total cohort 

with a zero-slope null hypothesis are shown on each plot. 
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Figure A3: MFA metrics do not correlate with VWF:CBIII/VWF:Ag ratios. The lag 

times, velocities, and maxima of the complete cohort are plotted versus 

VWF:CBIII/VWF:Ag for 150, 750, and 1500 s-1. The cohort is divided into three 

categories: Type I VWD (magenta circles), low VWF (aqua squares) and MCB (black 

triangles). Two-tailed p-values from a Spearman correlation test of the total cohort with a 

zero-slope null hypothesis are shown on each plot. 
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Figure A4: MFA maxima and PFA-100 closure times for VWF:Ag < 20. Relative to the 

PFA-100, the MFA is more sensitive to low levels of VWF:Ag. Two-tailed p-values from 

a Pearson correlation test of the total cohort with a zero-slope null hypothesis are shown 

on each plot. 
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APPENDIX B 

SUPPLEMENTAL FIGURES FOR CHAPTER 5 

 

 

 

 

Figure B1: The simulation shows grid independence. Wall shear rate (A) and velocity in 

the direction of bulk flow (B) plotted from the expansion point to the wall for the 150° 

expansion at Re = 10 for different grid sizes. The coarse grid results deviate at the edges, 

but the other results overlap. 

 

 

 

 

 

Figure B2: Flow assays tubing connection setup. Lengths and tubing diameters are listed.  
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Figure B3: Flow reattachment length depends on Re and expansion angle (A) The flow 

reattachment length as a function of Re measured experimentally at HCT 0.2, 0.4, and 

0.6, as well as from the simulations for the 150° expansion angle. (B) The flow 

reattachment length at Re = 10 for HCT 0.2, 0.4, and 0.6 as a function of expansion 

angle. Error bars in both plots represent SEM (n = 3). 
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Figure B4: Streaklines for the 135° expansion angle at Re = 25.  HCT of 0, 0.2, 0.4 and 

0.6 are included. 
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Figure B.5: Platelet flux into the valve pocket is increased in the presence of RBC. (A) 

Characteristic plots of the platelet accumulation in the valve pocket as measured by 

DiOC6 integrated fluorescence intensity (IFU) for platelet rich plasma (PRP) and 

reconstituted blood at HCT 0.4, both at Re = 10. (B) Mean growth velocity of the platelet 

accumulation for PRP and reconstituted blood. Error bars represent SEM, p = 0.0213. 

 

0 10 20 30
0.00

0.02

0.04

0.06

0.08 PRP
HCT 0.4

Time (min)

IF
U
(D
iO
C
6)

PR
P

HC
T 0
.4

0

2

4

6

8

G
ro
w
th
V
el
oc
ity

(IF
U
/m
in
)

*

A

B


